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CHAPTER 1
INTRODUCTION

1.1 Current energy economy
Fossil fuels, including coal, petroleum and natural gas, are currently the world’s
primary energy source, more than 80% of the world’s energy consumption came from
fossil fuels (Mohr et al., 2015). However, the rapid depletion of non-renewable fossil
fuels demands the finding of renewable alternative fuel sources to meet world’s energy
needs. Fossil fuels can also cause irreparable damage to the environment; it is the largest
source of greenhouse gas, carbon dioxide (CO2), emissions from human activities. The
high CO2 concentration in the atmosphere is thought to be one of the primary causes of
global warming (Visser et al., 2016; Yan et al., 2016).

Cumulative historic CO2

emissions have caused concentration of CO2 in the atmosphere to increase persistently in
the past few decades, which has been linked to climate change (Chang et al., 2016; Haik
et al., 2011). As of August 2016, the global atmospheric CO2 concentration was 402.25
parts per million (PPM) according to measurements made at the Mauna Loa Observatory,
and this is significantly greater than the suggested upper safe limit of 350 ppm. As a
comparison, since the beginning of human civilization and before the industrial
revolution of the 1700s, the CO2 concentration in the atmosphere has always maintained
at 280 PPM (Hall et al., 1991). During time of climate stability, Earth radiates as much
energy into space as it absorbs from sunlight.

However, the increase in CO2

concentration in the atmosphere reduces Earth’s energy radiation to space; this imbalance
1

in energy causes the Earth to warm. High CO2 concentration and global warming has
severer impacts on the environment, such as sea level rising, ocean becoming more acidic,
mosquito migration and spreading diseases, glaciers melting, and extreme weather
(Hansen et al., 2013). Currently the atmospheric CO2 concentration is increasing at a rate
of 2 ppm per year, while identifying a viable process to lower the concentration of
atmospheric CO2 is important, the net future CO2 emissions must be reduced to avoid
further negative impact to the global climate system. To meet the global demand for
energy while slowing the consumption of petroleum fuel, there is a growing interest in
switching to biofuels as a sustainable form of energy. Biofuel, also known as biodiesel,
is typically generated by chemical reactions between lipids and alcohol. A variety of
lipid-rich feedstocks can be used to produce biodiesel, which include food or non-food
crops, waste oils, and microalgae.
1.2 First- and second-generation biofuels
Biofuels are substitutes for petroleum fuels and can be used in existing diesel
engines with relatively simple or no modifications (Aghbashlo and Demirbas, 2016).
Despite technological advancements, adoption of biofuels is still very limited. In 2013,
only 0.8% of global primary energy consumption was provided by modern renewable
biofuels (Milano et al., 2016).
First-generation biofuels are produced from food crops.

The major problem

associated with these biofuels is the food crops used to produce biodiesel divert crops
away from the food market. Currently, more than 95% of biodiesel are produced from
edible vegetable oils, such as palm, soybean, rapeseed and sunflower oils (Gui et al.,
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2008). First-generation biofuels are currently produced at commercial scale, with annual
production of approximately 50 billion liters (Naik et al., 2010). It has been estimated in
the literature that 15% to 25% of the total food price increase are likely to be attributed to
the increase in food crops grown for biofuel feedstocks (Sims et al., 2010). Secondgeneration biofuels were developed to overcome the shortcomings of first-generation
biofuels.
Second-generation biofuels are produced from sustainably generated non-food
crops, such as grass, woodchips, stems, leaves, and food crop waste, where the land and
the water used for biomass feedstock production does not compete with those used for
food crops (Allen et al., 2016; Jambo et al., 2016). Compared with first-generation
biofuel, second-generation biofuels are generally more sustainable and environmentally
friendly. A considerable number of pilot and demonstration plants for second-generation
biofuel have been set up in recent years, but as of 2015, only a few plants are in the early
phases of commercial scale production (Unctad, 2016). One of the major constraints on
second-generation biofuel production is the difficulty in breaking down plant biomass
and releasing carbohydrate polymers to be processed into fuels.
1.3 Third-generation biofuel: microalgal biofuel
Due to the limitations of the first- and second-generation biofuels, third
generation biofuel derived from aquatic autotrophic organism, i.e. microalgae, has been
focused on as sustainable energy feedstock. Microalgae are cultured to act as feedstock
for several reasons: (1) it is an entirely renewable non-food crop feedstock resource; (2) it
has higher photosynthesis efficiency than that of conventional crops; (3) it has the ability
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to be grown using wide variety of water sources (fresh water, seawater, or wastewater);
(4) it has the potential to be carbon neutral, because CO2 released by the combustion of
microalgal biofuel is offset by CO2 consumed by microalgae during the photosynthesis;
(5) microalgae based biofuels can be manufactured into a wide range of fuels such as
diesel, petroleum, and jet fuel (Carter, 2012; Ranjith Kumar et al., 2015).
All known species of microalgae, with the exception of botryococcus braunii,
produce lipids inside their cells (Tasić et al., 2016). The production of microalgal based
biofuel remains mostly confined to the laboratory scale because of the high cost of
microalgal biomass cultivation and microalgal lipid extraction.

Microalgal lipid

extraction is especially problematic because most high lipid producing microalgae are
protected by tough cell walls with high elasticity modulus that require energy intensive
disruption techniques to rapture. Microalgae possess complex composite cell walls made
of a diverse array of fibrillar polysaccharide and matrix proteins that form proteoglycan
(Domozych et al., 2012; Dragone et al., 2010). Wet microalgal biomass also retains
interstitial water, which acts as a lubricant (Munir et al., 2013). A common species of
green algae with average cell diameter of 16 μm, chlamydomonas eugametos, require a
cell wall breaking pressure of 1396 psi (9.6 MPa). High lipid producing microalgal
species have cell diameter ranging from 3 to 6 μm, which would require significantly
higher pressure to break the cell walls (Carpita, 1985).
1.4 Objectives
There are two primary objectives for the current study. First is to design and
develop a microalgal lipid extraction technique that can efficiently extract lipids from
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dilute microalgal suspensions. It was also a goal to perform the extraction procedure at
room temperature and standard atmospheric pressure, using environmentally friendly
chemicals while producing reasonable yield. This goal was achieved by optimizing both
microalgal cell wall disruption and microalgal lipid extraction. The second primary
objective is to develop a microalgal harvesting method that can efficiently harvest
microalgae and more important allow for the reuse of culture medium for new biomass
growth.
1.5 Organization
The first chapter provides an introduction to using biofuel as an alternative to
fossil fuel. Chapter 2 contains a literature review on current techniques in microalgal
biomass harvesting, microalgal biomass drying and microalgal lipid extraction. This
shows the relevance of the work covered in this dissertation and identifies areas in current
techniques in need of improvements. Chapter 3 describes the methodology used in this
study. The instruments and methods are described in detail to permit others to replicate
the experiments. The concepts behind the methods used to disrupt the microalgal cell
wall and microalgal lipid extraction is introduced.

Chapter 4 introduces harvest of

freshwater microalgae Nannochloropsis sp. using organic solvent by tuning the cell
surface hydrophobicity with low pH and the reuse of the culture medium. Chapter 5
presents the optimization of the microalgal lipid extraction technique. The effects of
sodium dodecyl sulfate, suspension pH, and extraction time on yields were studied. The
optimized conditions were chosen and the FAME yield compositions were investigated
and compared to that from the Bligh and Dyer method. Chapter 6 provides a brief energy
analysis of the harvesting and lipid extraction methods.
5

Chapter 7 provides

recommendation for future development and improvement of the wet microalgal lipid
extraction technique.
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CHAPTER 2
LITERATURE REVIEW

2.1 Microalgae based biodiesel overview
Algae are a large and diverse group of eukaryotic organisms, which use sunlight,
water, nutrients and CO2 to create biomass (Packer, 2009). Algae can be divided into two
classifications: macroalgae and microalgae.

Macroalgae or seaweed are large

multicellular algae that can reach sizes up to 60 meters in length. Microalgae are tiny
unicellular algae with cell size ranging from a few micrometers to a few hundreds of
micrometers. Algal biomass contains three main components: proteins, carbohydrates
and lipids. The biodiversity of algae is enormous and the chemical composition varies
between species. Macroalgae usually contain proportionally very little lipids, while
microalgae can accumulate large amounts of lipids (Suganya et al., 2016).
Algae were initially investigated, in the 1950s, as an alternative protein source in
anticipation of increasing world population and insufficient future protein supply (Becker,
2007). Due to the dwindling petroleum reserves and increasing pollutant emissions, the
need for developing a clean and renewable non-food crop based biofuel feedstock has
drawn extensive research interest. Microalgae were later researched for CO2 fixation and
production of biodiesel. Microalgae based biodiesel is believed to have the potential to
be a good source for biofuel production (Suganya et al., 2016). Biodiesel refers to diesel
fuel made through a chemical process which converts lipids of natural resource into a
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mixture of mono alkyl esters of long chain fatty acids (Lourinho and Brito, 2014).
Biodiesel is usually produced from oleaginous crops such as canola, soybean, rapeseed,
sunflower and palm. Currently in the U.S., soybean oil is the largest biodiesel feedstock.
Prices for all commodities tend to go up as competition for the use of soybean feedstock
and the competition with other food crops for land and water intensifies.

The

competition with other uses cause the price of biodiesel to spike, which in turn hurts the
profitability of crop based biofuel (Xue et al., 2012).
Algae are the most efficient biological producer of oil on the planet, they are also
responsible for over 50% of primary photosynthetic productivity on earth. Table 2.1 lists
examples of potential biodiesel feedstocks.

It can be seen that oil production of

microalgae can reach hundreds of times higher than the oil yield of other biodiesel
feedstocks.
Many species of microalgae have high lipid contents, under optimal growing
conditions, lipid contents can accumulate to reach up to 77% of their dry weight (Kim et
al., 2013).

Table 2.2 presents examples of the lipid content of some species of

microalgae. Lipid contents varies significantly between species, therefore, selecting a
microalgae species containing high lipid content is essential for developing an
appropriate downstream process for biodiesel production.
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Table 2.1 List of biodiesel feedstocks (Atabani et al., 2013; Gui et al., 2008; Karmakar et
al., 2010).

Biodiesel feedstock

Oil content (%)

Oil
yield
(L/ha/year)

Corn

48

172

Soybean

15-20

446

Olive oil

45-70

1212

Peanut oil

45-55

1059

Coconut

63-65

2689

Tung

35-40

940

Rapeseed

38-46

1190

Palm

25-35

952

Sunflower

30-60

5950

Low oil content microalgae

30

58700

High oil content microalgae

70

136900
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Table 2.2 Lipid content of various microalgal species (Chisti, 2007; Crowe et al., 2012).
Microalgal species

Lipid content (% dry weight)

Scenedesmus obliquus

11–22

Scenedesmus dimorphus

16–40

Chlorella vulgaris

14-22

Chlorella emersonii

63

Chlorella protothecoides

23

Chlorella sorokiana

22

Chlorella minutissima

57

Dunaliella bioculata

8

Dunaliella salina

14-20

Neochloris oleoabundans

35-65

Spirulina maxima

4-9

Botryococcus braunii

25-75

Schizochytrium sp.

50-77

Nannochloropsis salina

15-25
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The photosynthetic efficiency of microalgae is higher than that of many
oleaginous crops, microalgae can convert approximately 3% to 8% of solar energy into
biomass while typical oleaginous crops can convert 0.5% (Lardon et al., 2009). This
enhanced conversion rate of solar energy leads to a high growth rate under low
population density and low species competition conditions than that of oleaginous crops
(Johnson and Wen, 2009). For some species of microalgae, it is possible for their
biomass to double within 24 hours and the doubling time during the exponential growth
stage can be as short as 3.5 hours (Mahmoud et al., 2015). In addition to rapid biomass
productivity, the cultivation of microalgae do not require arable land for growth and have
the ability to grow in variety of water sources, such as saline, seawater, brackish or
wastewater (Dassey and Theegala, 2013).
Microalgal biomass is typically processed in a series of steps; Figure 2.1 depicts a
schematic drawing of the operations involved in the overall production process of
biodiesel from microalgae. The upstream processes mainly involve the selection of a
robust algal strain with desired properties and the design of an industrial scale cultivation
method to maintain the culture conditions at optimum levels. After microalgae cultures
have reached a stagnant growth rate, the dilute microalgal suspension is concentrated into
slurry by harvesting. For conventional microalgal lipid extraction methods to be efficient,
microalgal biomass must be concentrated to a predetermined moisture concentration.
The harvesting technique used is based on microalgae strain, density and size, which
typically results in a wet paste with dry microalgal biomass ranging from 5-15%
(Brennan and Owende, 2010). Depending on the subsequent lipid extraction method
used, algae slurry may require dewatering to further concentrate the algal slurry. The
11

microalgal lipid extraction process is typically a combination of cell wall disruption and
organic solvent extraction, where cell wall disruption methods are employed to rupture
the algal cell walls and allow solvents to contact intracellular algal lipid for extraction.
After lipid extraction, organic solvents are typically evaporated before lipids can be
further processed. The untreated microalgal oil is too viscous to be used in diesel engine.
It has been reported that the use of untreated vegetable oil causes poor fuel atomization,
incomplete fuel combustion and carbon deposition on fuel injectors, resulting in
shortened engine life (Sadhik Basha and Anand, 2014). Unsaturated triglyceride, a main
chemical component of vegetable oil, is particularly problematic. The double bonds in
the unsaturated triglyceride can cross-link and irreversibly polymerizes into a plastic-like
solid, resulting in engine failure (Misra and Murthy, 2010). Therefore, microalgal lipids
are usually transesterified, the resulting biodiesel fuel does not have similar negative
effects on diesel engine. The transesterification reaction between triglyceride and alcohol
is depicted in Figure 2.2. This reaction is usually catalyze by sodium hydroxide (NaOH),
which produces biodiesel, fatty acid methyl esters, and a byproduct, glycerol (Brennan
and Owende, 2010).

Upstream

Downstream

Figure 2.1 Process involved in microalgal based biodiesel production.
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Triglyceride

+

Methanol

Glycerol + Fatty Acid Methyl Esters

Figure 2.2 Transesterification of triglyceride (Rawat et al., 2011).

2.2 Harvesting techniques
Microalgal cultures have high water content, which must typically be removed to
enable further processing. Microalgal harvesting is the conversion of dilute microalgae
suspension into a thick paste by separating microalgae biomass from water. High water
content inhibits the extraction of lipids from microalgal biomass, and also negatively
affects the effectiveness of the transesterification of triglycerides after extraction (Ferrell
and Sarisky-Reed, 2010; Liu et al., 2006).
The cultivation of microalgae typically results in dilute suspension with
microalgal biomass density between 0.1 - 2 g/L, although density ranging from 40 – 116
g/L can be achieved depending on the cultivation system used (Brennan and Owende,
2010; Wiley et al., 2011). Most of the commercial cultivation of microalgae is carried
out in unsophisticated open pond systems, which typically produce microalgae culture
containing only 0.05 - 0.2% dry mass, and therefore poses considerable challenges in the
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efficiency of downstream processes and economics of microalgal biodiesel productions
(Slade and Bauen, 2013).
Harvesting and dewatering microalgal culture is considered a major bottleneck for
commercialization of microalgae based biodiesel production.

The difficulty in

microalgal biomass harvesting and dewatering is due to the highly dilute culture with
extremely small size and biomass density similar to that of water (Uduman et al., 2010b).
Furthermore, microalgae cell surface are negatively charged because of the deprotonation
of carboxyl, phosphoryl, and hydroxyl functional groups associated with cell membrane
surface at neutral pH of water (Bakatula et al., 2014). The negative surface charge causes
electrostatic repulsion between microalgal cells, results in the stability of microalgae
suspended in a dispersed state and prevents biomass precipitation (Amaro et al., 2011).
Currently there is no single superior method for algae harvesting.

Several

techniques have been developed which include centrifugation, sedimentation, filtration,
flocculation, and floatation techniques. Due to the huge volume of water needed to be
removed, it has been suggested that harvesting accounts for 20-30% of total microalgal
biodiesel production cost (Rawat et al., 2011). High water concentration in harvested
microalgae biomass can negative influence the efficiency and economics of the processes
further downstream (Danquah et al., 2009; Molina Grima et al., 2003). The selection of a
suitable harvesting technique depends on microalgal species, growth medium, biomass
density, and the value of the desired products. An ideal harvesting technique should have
low energy input, yield product with a high biomass concentration, require minimum
initial investment in specialized apparatus and have low operation and maintenance cost
(Barros et al., 2015).
14

The most common methods for microalgal harvesting are centrifugation, gravity
sedimentation, filtration, flocculation, electrolytic process, flotation, and magnetic
process. Each microalgal harvesting technique has distinct advantages and disadvantages.
It is also important to note that many research studies are using different algal harvesting
techniques in conjunction with each other to increase efficiency and improve harvesting
method feasibility. It has been suggested that some harvesting techniques have limited
evidence of technical or economic viability (Brennan and Owende, 2010).
2.2.1 Centrifugation
Centrifugation uses centripetal acceleration to rotate cell bodies away from the
center of rotation resulting in the increase of biomass settling rate. Almost all microalgal
species can be separated reliably and without difficulty by centrifugation. Microalgae
harvesting by continuous flow centrifuge systems can be very efficient when performed
at slow flow rate. In laboratory centrifugation experiments, 94% of microalgal biomass
can be removed from dilute culture with an incoming flow rate of 0.94 L/min. However,
it is very energy intensive to achieve high efficiencies (Dassey and Theegala, 2013).
Centrifugation as a primary dewatering method is generally only feasible for high value
products, it is too costly to be considered for commercial harvesting process for a lowvalue products, such as microalgal biofuel for biodiesel production (Molina Grima et al.,
2003).
2.2.2 Gravity sedimentation
Sedimentation is using gravitational force to allow suspended microalgal biomass
to settle. Sedimentation is a simple and inexpensive process, but it is not widely used in
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industry since it requires long processing time and large volume of space. The rate of
sedimentation is based on the microalgal cell size, culture temperature, cell age, light
intensity and the difference in density between the cells and culture (Al Hattab et al.,
2015; Danquah et al., 2009; Milledge and Heaven, 2013).

Limited literature on

microalgae harvesting by sedimentation without the addition of flocculants or coagulants
has been reported; it has been suggested that sedimentation can concentrate microalgae
suspensions to 3% of dry weight and recover 60-65% of the biomass, but its reliability is
low (Show et al., 2013) and may cause changes to the lipid composition of the covered
biomass (Salim et al., 2011).
2.2.3 Filtration
Filtration is carried out by forcing microalgal suspensions across a membrane
filter to separate microalgal cells from water. Different strains of microalgae can be
harvested by varying the pore size of the filter medium based on the cell size; therefore,
filtration can efficiently harvest microalgae cells of very small size. The filter medium
has high resistance to fluid flow; a pressure drop must be maintained across the filter to
force microalgal suspension to flow through the medium. Depending upon the pressure
drop requirement, the driving force can be provided by gravity, vacuum or pressure
(Voutchkov, 2010). The energy input required to force microalgal suspension through
the membrane filter increases as the filter pore size decreases (Al Hattab et al., 2015).
Microalgae can cause significant fouling to filter membranes; microalgal cells form a
cake on the membrane filter and can release extracellular organic matter that cause
linkages between cells, which reduces flow rates and separation efficiency (Babel and
Takizawa, 2010). Industrial scale microalgae harvesting is limited by the membrane
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fouling phenomena, which requires costly constant cleaning and periodic replacement of
the membrane filter (Ríos et al., 2012; Rossignol et al., 1999).
2.2.4 Flocculation/Coagulation
Microalgae carry a negative surface charge that prevents the natural selfaggregation of suspended cells, which is an important property for microalgae growth
(Milledge and Heaven, 2013). Flocculation is based on the addition of chemicals or
changing the medium to counter the negative cell surface charge, resulting in dispersed
microalgae to aggregate into larger particles, resulting in enhanced separation rate
(González-Fernández and Ballesteros, 2013). Flocculation is routinely combined with
flotation, filtration, and sedimentation to increase biomass recovery efficiency and
shortens harvesting time, it can be applied to a wide range of algal species and process
high volumes of algal culture (Barros et al., 2015; Salim et al., 2011).
There are several types of flocculation techniques, mainly chemical flocculation
auto-flocculation and bio-flocculation. In chemical flocculation, the surface charge on
microalgal cells is countered by increasing the suspension pH and adding chemicals,
called flocculants, at a desired concentration to culture medium to speed cell aggregation
(Gorin et al., 2015). Chemicals that can induce flocculation can be broadly categorized
into two groups, inorganic and organic flocculants. Inorganic flocculants are usually
multivalent metal salts based, such as aluminum sulfate and ferric sulfate. Under optimal
pH conditions, the metal salts dissociates and form metallic hydroxides, which can
neutralize surface charge on microalgal cells (Chen et al., 2013). The effectiveness of
metal ions due to their electronegativity, flocculants with high electronegativity are more
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effective and require less flocculation time (Barros et al., 2015). Organic flocculants are
synthetic or natural polymers that are usually cationic and have high molecular weight.
Cationic flocculants work by charge neutralization and particle bridging; the extent of
each is dependent on the charge density and chain length of the polymer. Cationic
polymers with low molecular weight either do not cause any flocculation or requires very
high concentrations to be effective. Anionic and non-ionic polymer have been shown to
be ineffective in freshwater microalgae harvesting and less efficient than cationic
polymers in marine microalgae harvesting (Tenney et al., 1969; Uduman et al., 2010a,
2010b). Flocculants can be expensive, toxic to microalgae and add chemicals that need
to be removed from harvested biomass, which can complicate and add cost to subsequent
downstream processing steps (Al Hattab et al., 2015).

Chemical flocculation is

considered one of the most viable methods for commercial microalgae harvesting
because it is reliable method that can handle various microalgae species and large volume
of microalgal suspension.
Bio-flocculation involves the addition of microorganisms, such as bacteria, fungi
and flocculating microalgal species, as biological flocculation agents to microalgal
culture for biomass recovery. Microorganisms adhere to the microalgal cells causing the
weight to increase and resulting in enhanced sedimentation rate. Bio-flocculants are
more environmentally friendly and economical than chemical flocculants. However,
microorganisms used to flocculate microalgae are species specific and cycling and
recovery of these microorganisms from the supernatant, although possible, can be
difficult (Barros et al., 2015; Gultom and Hu, 2013).
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Auto-flocculation is the spontaneous aggregation of microalgal cells. The culture
pH level can be increased, by either adding NaOH or limiting CO2 supply, to induce autoflocculation (Spilling et al., 2011). The salts of the culture medium precipitates at high
pH, which acts as flocculants which reacts with the negatively charged surface of the
microalgae and resulting in microalgae spontaneously forms flocs without the addition
other chemicals thus allowing the re-use of the cultivation medium (González-Fernández
and Ballesteros, 2013). The microalgae species, culture density have been reported to
have strong effect on the pH threshold and flocculation efficiency (Spilling et al., 2011).
Auto-flocculation can be very efficient, after pH adjustment, more than 90% of
microalgal biomass can be recovered after 10 min of settling (Chen et al., 2013).
2.2.5 Electrolytic separation
Electrolytic separation is achieved by applying electric currents to electrodes,
which causes electrolytic oxidation at sacrificial anode, resulting in release of positively
charged metal ions and generation of microbubbles at the anode and cathode (Gao et al.,
2010). The metal ions attracts negatively charged microalgal cells to form flocs, which
can be removed by sedimentation or float to the surface by microbubbles (A. K. Lee et al.,
2013). It has been reported that 95-99.9% of microalgal biomass can be recovered with
harvesting time of 5-10 min (Kim et al., 2012). The efficacy of electrolytic separation
process is influenced by factors such as electrode material type, distance between
electrodes, current density, temperature, and suspension pH. The main drawbacks of the
electrolytic process the need to replace electrodes and the metal contamination in
microalgal biomass (Wan et al., 2015). It has been shown at least on a short term basis,
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after harvesting the culture medium can be reused without negatively affect cell growth
(Bleeke et al., 2015).
2.2.6 Flotation
While gravitational separation works well with heavy microalgal species, flotation
is considered more favorable and effective than gravity sedimentation for harvesting
small unicellular microalgae that had low settling velocity (Chung et al., 2000). Flotation
is a physiochemical gravity separation process in which gas bubbles are introduced at the
bottom of a flotation tank, microalgal cells attach to gas bubbles as they pass through the
microalgal suspension. A layer of thickened slurry can be collected at the surface at the
end of a flotation process (Al Hattab et al., 2015; Ndikubwimana et al., 2016). Based on
bubble generation method flotation can be grouped into dissolved air flotation, dispersed
air flotation, and dispersed ozone flotation.
Dissolved air flotation is the most studied flotation method for liquid-solid
separation and have already been applied extensively in wastewater treatment, it has been
found be effective for microalgae harvesting (Al-Zoubi et al., 2015; Q. Zhang et al.,
2014). In dissolved air flotation, a compressor is used to supersaturate a water stream
with air at pressure between 25-80 psi (0.17-0.55 MPa) for 0.5-3 min in a saturation tank.
Then the water stream is fed into a reactor unit at atmospheric pressure, the
decompression of pressurized water releases dissolved air and generates small bubbles
with 10-80 μm in size. The microalgal cells attach to the surface of the bubbles and rise
to the surface along with the bubbles resulting in concentrated biomass foam, which can
be removed as slurry (Chung et al., 2000; Gerardo et al., 2015). The attachment of
bubbles to microalgae cells depends on several factors including aggregate size, the
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probability of collision and the probability of adhesion.

Typically, microalgae

suspension is pre-treated with flocculants to increase the size of microalgal aggregates
and neutralize the negative charge of both the microalgal cells and the bubbles. Without
flocculation, although microalgal cells are more likely to be lifted to the surface by
bubbles due to high combined buoyancy, the ratio of microalgal cells to bubbles is too
large to achieve high harvesting efficiencies. When the size of microalgal flocs increases,
the probability of flocs colliding bubbles increases. However, when flocs become too
large they are more likely to detach from the bubbles during ascension to the surface
(Gerardo et al., 2015; X. Zhang et al., 2014). Although dissolved air flotation is effective,
air compressors are relatively energy intensive and the use of flocculants can increase
downstream processing cost (Wiley et al., 2009).
Dispersed air flotation also known as suspended air flotation is a method where
non-pressurized air is directly injected into the flotation tank. Large size bubbles with
diameter between 700-1500 μm are generated by both air injection though a porous
media and agitation with a high speed mechanical agitator (Wiley et al., 2009).
Dispersed air flotation has fewer mechanical components, require less space and use less
energy than dissolved air flotation. Cationic surfactants are often used in dispersed air
flotation to improve the process efficiency. It was found that cationic surfactants play a
role in increasing aeration rates, reducing the size of bubbles, avoiding bubble rupture by
increasing the integrity of the bubbles, and increasing the hydrophobicity of the
microalgal cells (Chen et al., 1998; Show et al., 2013).
Dispersed ozone flotation uses ozone bubbles to harvest microalgae. Ozone is a
powerful oxidizing agent, which can cause lysis of cells and releases biopolymers. These
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biopolymers act as flocculants and enhance the separation method. It has been found that
dispersed ozone flotation produced effective microalgae separation while flotation with
air and pure oxygen did not (Cheng et al., 2011, 2010). A disadvantage of dispersed
ozone flotation is that is an expensive process (Pragya et al., 2013).
2.2.7 Magnetic separation
Naked magnetic nanoparticles or modified magnetic nanoparticle composites can
be used to flocculate negatively charged microalgal cells by electrostatic interaction and
microalgal cells can then be separated from the culture medium by an external magnetic
field. It has been reported that Fe3O4 magnetic nanoparticle composites can recover more
than 95% of microalgal cells with harvesting time of 2-5 min (Wang et al., 2016). The
harvesting efficiency is dependent on adsorption of microalgae cells to the magnetic
nanoparticle, while adsorption is affected by the stirring speed, magnetic nanoparticle
concentration and suspension pH.

The magnetic nanoparticles can be expensive to

produce, although they can be regenerated and reused to achieve similar efficiency
additional process have to be made to separate nanomaterials from microalgal cells (Xu
et al., 2011). It has been show that after harvesting, culture medium can be reused for
microalgal culture without adverse effect on cell growth (K. Lee et al., 2013).
2.3 Dehydration techniques
In addition to dewatering by harvesting, further dehydration of the microalgae
slurry may be required for lipid extraction or other further processing. The separation of
microalgae from the bulk culture solution usually results in a slurry with 5-15% of
biomass dry weight, the harvested microalgal biomass is susceptible to spoil in only a
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few hours in a hot climate if not promptly dehydrated or processed (Brennan and Owende,
2010; Mata et al., 2010). Mechanical lipid extraction require microalgae biomass to be
bone dry for efficient extraction, while solvent extraction of wet microalgal biomass is
less effective than the extraction of dry microalgal biomass.

However producing

microalgal biomass with water content lower than 70-90% would significantly increase
the energy input, which may account for 70-75% of the total processing cost (Amaro et
al., 2011; Show et al., 2015). The selection of microalgae drying method depends on the
scale of operation and the intended use for the dried biomass.

Main microalgae

dehydration methods include sun drying, spray drying, drum drying, and freeze drying.
2.3.1 Sun drying
Sun drying is the natural evaporation of water accomplished by direct solar
radiation exposure. It is one of the oldest methods for food preservation and still used
today in remote areas where modern forms of energy are scarce. Since solar radiation is
uncontrollable and unpredictable, the process is highly dependent on the weather. Direct
sun radiation can cause overheating of biomass and change the quality and texture of the
final microalgal product (Show et al., 2013).

Sun drying is the least expensive

microalgae dehydration method, but it requires long drying times, large drying surfaces, a
dry climate and the risk of material loss (Milano et al., 2016).
2.3.2 Spray drying
Spray drying is a method of producing dry powder from a liquid by rapidly drying
with hot gas. Microalgal biomass slurry is dispersed by an atomizer, to form small sized
droplets, downward into a vertical drying chamber with hot gas either passed down as a
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co-current or flows against as a counter current. The objective is to produce a spray of
high surface to mass droplets, which upon contact enables the hot gas to uniformly and
quickly evaporate the water. Although complete drying can occur within a few seconds,
spray drying is still an energy intensive process (Show et al., 2015). It is suggested that
the high operating cost associated it with spray drying means it is not economically
feasible for low value products such as microalgal lipids (Munir et al., 2013).
2.3.3 Drum drying
Drum drying is quite common in the food industry. Microalgal biomass slurry is
applied onto the surface of a heated rotating horizontal drum. The heating source is
usually an indirect contact with hot gas or an electrically heated drum. The microalgae
cells are only heated for a few seconds and then the dried algae are removed by side
blades. Because of the short retention time at high temperature, virtually no heat damage
will occur. The problems with the drum drying are the difficulty in uniform distribution
of the microalgal biomass, and the cost associated with frequent polishing of the drums
and sharpening of the blades. Drum drying also requires high costs for capital investment
and large amounts of energy consumption at a relatively low thermal efficiency (Becker,
1994).
2.3.4 Freeze-drying
Freeze-drying is a gentle drying process, because it leaves almost all the
constituents of microalgae in their original composition. First, the microalgal biomass
slurry is frozen at atmospheric pressure, and then the pressure is lowered to nearly
vacuum. At this pressure, ice goes through sublimation and is removed from the slurry.
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Freeze-drying has been widely used for drying microalgae in research laboratories,
however, it is too expensive and slow to use in large scale microalgae dehydration
processes (Guldhe et al., 2014).
2.4 Extraction techniques
The feedstock for microalgal lipid extraction can be either dry microalgal biomass,
usually with less than 15% water content, or wet concentrated microalgal biomass,
usually with more than 70% water content. Most of ongoing research and development
are focused on lipid extraction from wet concentrated microalgal biomass as a feedstock
since it would avoid the requirement for expensive biomass dehydration processes (B. H.
J. Yap et al., 2014).
One of the major challenges of wet microalgal lipid extraction is low extraction
yield due to the water in wet biomass forming a barrier around the cells, limiting the
ability for nonpolar organic solvents to make contact with the cell wall. In addition to the
difficulties caused by the presence of water, microalgal cells have a tough wall that is
also resilient to environmental changes. It has been suggested that the appropriate cell
wall disruption is the key to increase the efficiency of microalgal lipid extraction.
Therefore, microalgal lipid extraction is usually performed using organic solvent methods
in combination with a cell wall disruption method for improved lipid yield. Cell wall
disruption can be achieved by a range of techniques including: expeller pressing,
homogenization, bead milling, microwave radiation, ultrasonic disruption, osmotic shock,
chemical pretreatment, and enzymatic treatment. There are also lipid extraction methods
that can potentially replace traditional organic solvent extractions, such as supercritical
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fluid extraction, ionic fluid extraction, simultaneous extraction and transesterification,
and hydrothermal liquefaction.
Lipid extraction is still a huge challenge for biofuel production from microalgal
biomass.

The processes are either overly energy intensive or require expensive

equipment, most possible viable processes are still limited to small-scale trials. A lipid
extraction method with low energy cost and initial capital investment requirements that it
be easily scalable is desperately needed. Several methods for lipid extraction from
microalgae are currently under investigation at the laboratory scale but solvent extraction
appears to be, so far, the only viable way for performing lipid extraction at the industrial
scale (Chisti, 2007).
2.4.1 Conventional organic solvent extraction
Organic solvent extractions use an organic solvent or a mixture of organic
solvents to simultaneously disrupt cell wall and extract lipids from microalgal biomass.
Although the exact mechanism of solvent extraction is not well understood (Show et al.,
2015), a probable mechanism was proposed by Halim et al (Halim et al., 2012a). A
schematic diagram of the proposed organic solvent extraction mechanism is shown in
Figure 2.3. The organic solvents form a static film surrounding the cells and diffuse
through the cell walls into the cytoplasm. The solvent binds with the nonpolar lipids
through van der Waals attraction to form organic solvent-lipids complexes. Driven by
the concentration gradient, the complexes diffuse across the cell wall towards the bulk
organic solvents where they can be collected for further processing. However, some
nonpolar lipids form complexes with polar lipids within the cytoplasm and are bonded to
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the proteins in the cell membrane via strong hydrogen bonds. The van der Waals
interaction between non-polar lipids and non-polar solvents are too weak to disrupt these
bindings, therefore polar organic solvents are used to form hydrogen bonds with the polar
lipids to break apart the lipid-protein binding (Halim et al., 2012a).
Common solvents used for microalgal lipid extraction include hexane, chloroform,
acetone, and cyclohexane. It is also very popular to use a combination of polar and nonpolar organic solvents to extract both polar and non-polar lipids. The rate of lipid
extraction during organic solvent extraction of microalgal biomass is limited by lipid
concentration gradient between the algal cells and the organic solvent (Halim et al., 2012).
The organic solvent extraction methods are Soxhlet extraction, Folch extraction, and
Bligh and Dyer extraction.
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Figure 2.3 Schematic drawing of the purposed mechanism of organic solvent extraction
of lipids from microalgae (Halim et al., 2012a).
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2.4.1.1 Soxhlet extraction
Soxhlet extraction extracts lipids from microalgal biomass by using a Soxhlet
extractor to achieve repeated washing of microalgal biomass with extracting organic
solvents under reflux. A Soxhlet extractor consists of five main components: a glass
thimble with fritted disc bottom that holds microalgal biomass, a container that stores
organic solvents, a heater that boils the solvent, a continuously cooled condenser that
collects solvent to the thimble, and a siphon that periodically unloads the solvent from the
thimble back into the solvent container. The Soxhlet extractor significantly improves
mass transfer kinetics by avoiding equilibrium limitation. During each cycle, the thimble
is replenished with fresh solvent and the solvent extracts a portion of the microalgal lipid.
However, Soxhlet extraction is a time consuming and energy intensive process, it can
take several hours of continuous distillation for complete extraction of lipids
(Balasubramanian et al., 2011; Ramluckan et al., 2014).
2.4.1.2 Folch extraction
The Folch method is a classical solvent extraction method that uses a co-solvent
system to extract lipids from biological materials. It was originally developed to extract
total lipids from brain tissues and was considered a major contribution to the field of lipid
biochemistry because there was no simple and effective way to quantitatively isolate
lipids from biological tissue samples prior to its invention (Eggers and Schwudke, 2016).
The method uses a mixture of chloroform, a non-polar solvent, and methanol, a polar
solvent, in 2 to 1 ratio to extract the lipids from dry microalgae. The solvent to biomass
ratio is recommended at 20:1 (v/v). The suspension is homogenized and followed by
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washing with water. The lower organic layer containing the lipids is removed and
evaporated to dryness (FOLCH et al., 1957, 1951).
2.4.1.3 Bligh and Dyer extraction
The Bligh and Dyer method is variation of the Folch method. It is popular
reference method in the literature for extraction of total lipids from microalgal biomass.
The

Bligh

and

Dyer

method

uses

a

monophasic

ternary

system

of

chloroform:methanol:water in 1:2:0.8 (v/v/v) ratio to extract lipids from biological
samples already containing water. After homogenization, the system is converted to a
biphasic solution by dilution with additional chloroform and water to achieve ratio of
2:2:1.8 (v/v/v) yielding a chloroform layer containing lipids and an aqueous layer
containing methanol and microalgae debris (Bligh and Dyer, 1959). The Bligh and Dyer
method differs from the Folch method as it took into account the water content in the
biological samples and reduced the volume of solvent to sample ratio.
The Folch method and the Bligh and Dyer method are the most commonly used
method for laboratory-scale organic solvent extraction of microalgal lipids. Even though
they are quite effective, the use of chloroform, a toxic solvent, causes adverse health and
environmental hazards.

An alternative organic solvent method that is more

environmental friendly is needed for scale up.
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2.4.2 Disruption methods
2.4.2.1 Expeller pressing
Expeller pressing uses a screw type machine that generates friction and
continuous pressure from the screw drives to move and mechanically crush the
microalgal biomass and squeeze out the lipid contents.

Expeller pressing requires

microalgal biomass with very low water content as feedstock, which demands energy
intensive dehydration processes. The efficiency of expeller pressing extraction is low
and is often used in conjunction with organic solvent extraction to achieve high
efficiencies. A conventional screw expeller has been shown to recover 75% of the oil
from atmospheric dried algae without any organic solvents (Munir et al., 2013; Topare et
al., 2011).
2.4.2.2 Homogenization
Homogenization involves using pumps to force microalgal biomass slurry through
a nozzle at high velocity; the rapid pressure change combined with high liquid shear can
rupture cell walls. An attractive advantage of homogenization is the relative ease of
process large volume of feedstock, but it requires expensive high-pressure equipment and
high energy input (B. H. J. Yap et al., 2014). Furthermore, it is difficult to achieve cell
wall disruption at pressure below 10000 psi (70 MPa). To achieve high rate of cell
rupture requires multiple passes through the nozzle using a homogenizer capable of
producing pressure of at least 30000 psi (200 MPa) (Samarasinghe et al., 2012).
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2.4.2.3 Bead milling
Bead milling is a wet grinding technique, which involves high-speed rotation of
microalgal biomass slurry with small beads in a vessel. Microalgal cells are disrupted by
the impact of high velocity grinding and colliding between the beads and the cells.
Although energy intensive microalgae dehydration process is not required for bead
milling, the process of agitating beads at high speed requires high-energy input (Munir et
al., 2013; Ranjith Kumar et al., 2015).

Furthermore, less than 1% of the energy

introduced can be used for cell disruption, and most of the energy is dissipated as
convective heat. The heating of biomass slurry can be a problem, a cooling jacket is
needed to prevent heat sensitive microalgal lipids from degradation (Schütte and Kula,
1990).
2.4.2.4 Microwave assisted extraction
Microwave assisted extraction uses electromagnetic radiation as a non-contact
heat source to penetrate microalgal cells. Microwave radiation induces polar molecules
in the cells to rotate and rapidly produce thermal energy, which produces high pressure
from within resulting damages to the cell wall (Kim et al., 2013). Under the same
microwave power output, microalgal suspension had higher temperature increase than
that of plain water, which indicates that microalgae is preferentially heated due to its
lower heat capacity (McMillan et al., 2013). Besides the more selective heating, higher
lipid yield with better fatty acid composition and reduction in extraction time are the
main advantages of microwave assisted extraction (Dejoye et al., 2011).
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2.4.2.5 Ultrasonic disruption
Ultrasonic disruption involves applying ultrasonic energy to microalgal slurry.
Ultrasonic waves cause the rapid nucleation and collapse of microbubble in liquid
medium. The violent implosion of the microbubbles creates extreme localized heat shock
waves that disrupt cell walls and release lipid contents (Adam et al., 2012). Although
ultrasonic disruption is effective in improving extraction efficiency in small quantities, it
can be difficult to apply to large-scale operations as high probe density and high output
power in large sized sonication probes are needed for good performance (Show et al.,
2015).
2.4.2.6 Osmotic shock
Osmotic shock disrupts the microalgal cell walls through the sudden change in the
solute concentration of the liquid medium, which disturbs the balance of osmotic pressure
between the inside and the outside of the cells. The rapid movement of water to equalize
solute concentration causes cell damage, releasing the intracellular components (Kim et
al., 2013). The solute used is usually sodium chloride between 5-15% (w/v), but other
salts, substrates, and neutral polymers can also be used (Show et al., 2015). Osmotic
shock is a simple method that can achieve similar results to that of other disruption
methods, but it requires long extraction times often range from 24-48 hours, (Lee et al.,
2010; Rakesh et al., 2015).
2.4.2.7 Chemical pretreatment
Chemical pretreatment process has been proven successful in disrupting the cell
wall of various species of biomass. Although sulfuric acid pretreatment is the most
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studied method, other acids (hydrochloric acid and nitrous acid), alkaline (lime and
sodium hydroxide), and oxidizing agent (H2O2) have all been shown to have promising
results (Bai et al., 2014; Esteghlalian et al., 1997; Harun et al., 2011; Harun and Danquah,
2011; Kim and Lee, 2002; Laurens et al., 2015; Steriti et al., 2014). Acids can induce
hydrolysis of the cell wall, but it generally requires high temperature and short reaction
time or room temperature and long reaction time (48-60 hours) (Bai et al., 2014; Laurens
et al., 2015). Pretreatment with H2O2 at room temperature with short reaction time has
shown to be effective, can cause lipid degradation if pretreatment time is too long (Steriti
et al., 2014).
2.4.2.8 Enzymatic extraction
Enzymes can improve the extraction yield by selectively hydrolyzing microalgal
cell walls while preserving the intracellular lipids contents (Cho et al., 2013). Enzymatic
cell wall degradation is not widely practiced in industry due to its high production cost
(Sander and Murthy, 2009). Enzymes usually cannot be easily recovered. Although
enzymes can be immobilized on inert surfaces for recovery, the enzymatic activity is
significantly reduced after recycling (Kim et al., 2013).
2.4.3 Supercritical fluid extraction
Supercritical fluid extraction is a promising green technology that can potentially
replace traditional organic solvents extractions. The extraction fluid exhibits properties
of both liquid and gas that allows rapid penetration into biomass when the temperature
and pressure are raised above their critical values. Manipulating the temperature and
pressure of the fluid can change its solvating power and selectively extract the material of
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interest (Halim et al., 2012a). Carbon dioxide (CO2) is the most common supercritical
fluid used, as it is non-toxic, non-flammable and relatively chemically inert, although
methanol and ethanol can also be used alone or as a co-solvent (Ólafsson, 2013). CO2 in
supercritical state can extract and dissolve the lipids from microalgal biomass. When the
mixture is depressurized, CO2 evaporates as gas and the microalgal lipids precipitate into
a solvent free crude lipid fraction. CO2 has a critical point of 31.1oC at 7.38 MPa, due to
its low critical temperature, thermal degradation of the products is not observed (Halim et
al., 2012a; Mubarak et al., 2015).
2.4.4 Ionic liquid extraction
Ionic liquids are organic salts that melt into liquid form at below 100oC. The salts
are made up of an organic cation and an inorganic or organic anion (Liu et al., 2012).
Hydrophilic ionic liquids have been shown to effectively disrupt microalgal cell wall and
improve the lipid extraction efficiency(Pan et al., 2016). They are recognized as greener
solvent due to their negligible vapor pressure and high thermally stability. Although the
viscosity and solvating ability of ionic liquid can be easily modified, they are expensive
to synthesize, the profitability is still debatable (Kim et al., 2013; Pragya et al., 2013).
2.4.5 Simultaneous extraction and transesterification
Extraction and transesterification are two separate processes in conventional
methods of producing microalgal biofuel. An alternative processing method termed
simultaneous extraction and transesterification, also known as in-situ transesterification
or direct transesterification, was developed in recent years. Microalgal lipid extraction by
alcohol and transesterification occur simultaneously, and biodiesel is produced in one
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single step. Microalgae biomass is directly contacted with alcohol in the presence of a
catalyst and heated to high temperature. This process eliminates the requirement for the
separation of lipids from the extraction solvents, which results in less energy
consumption.

However, the water content in microalgal biomass feedstock has

significant effects on the efficiency of in-situ transesterification. It has been shown that
when microalgal biomass contained water content of more than 31.7% (w/w), a
significant decrease in in-situ transesterification efficiency possibly due to hydrolysis
reaction is observed (Ehimen et al., 2010; Hidalgo et al., 2015; Velasquez-Orta et al.,
2012; Wahlen et al., 2011).
2.4.6 Hydrothermal liquefaction
Hydrothermal liquefaction involves processing wet biomass at temperature above
200oC and at sufficient pressures that keep the water in either liquid or supercritical state.
During hydrothermal liquefaction, water serves as the reaction medium, it can be
performed with or without catalyst, but most studies have used Na2CO3 as an alkali
catalyst. The whole microalgal biomass is decomposed in water to small molecules and
then reformed into crude biofuel. The yields of crude biofuel can be 10–15% higher than
the lipid content of the microalgae, since the carbohydrates and proteins are also
converted into crude biofuel. The recovered crude biofuel can be directly combusted or
processed into petroleum, however, the abundance of nitrogen in microalgae cells may
lead to high NOx emissions (Biller and Ross, 2011; López Barreiro et al., 2013; Savage et
al., 2011; Vardon et al., 2011).
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CHAPTER 3
METHODOLOGY

3.1 Microalgae strain and cultivation
Microalgae used in the present study, Nannochloropsis Salina, were provided by
Dr. Kimberly Ogden, engineering technical lead for the National Alliance for Advanced
Biofuels and Bioproducts at The University of Arizona, Tucson, Arizona.

The

microalgal biomass cultures were pre-concentrated and stored frozen at -10oC until just
before to the extraction experiments. According to Dr. Ogden, freezing of microalgae
causes no structural damage, it only slows the metabolic rate of microalgae and they can
be revived by simply thawing at room temperature.
Dunaliella Salina strain 15-2160 was obtained from Carolina Biological Supply
Company. They were maintained in 1L Erlenmeyer flasks in natural seawater obtained
from Florida coastline, filtered through a 125 mm filter and sterilized by heating to 80 oC
on 2 consecutive days. F/2-Si Guillard’s media (Sigma-Aldrich) was used. Cultivation
conditions were as follows: illuminated by fluorescent lighting (T5) at constant intensity
of 100 µmol/m2/s on a 14:10 light:dark cycle, aerated with filtered ambient air using an
oil-free diaphragm pump, and maintained at temperature 23±1oC.

The pH was

maintained at 7.5±1 during cultivation.
Freshwater algae Nannochloropsis Sp. (CCMP 2904) was obtained from National
Center for Marine Algae and Microbiota (NCMA) – Bigelow Laboratory for Ocean
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Sciences. They were maintained in 5 L glass containers in deionized water. DYV-m
(NCMA) was used. Cultivation conditions were as follows: illuminated by fluorescent
lighting (T5) at constant intensity of 70 µmol/m2/s on a 16:8 light:dark cycle, aerated
with filtered ambient air without CO2 supplementation using an oil-free diaphragm pump
the means of agitation to ensure proper nutrient distribution and CO2 at approximately
390 ppm, and maintained at temperature 22±1oC. A schematic representation of the
microalgal cultivation setup is shown in Figure 3.1.
The light intensity was measured by a Li-250 Light Meter with a Li-190SA sensor
(Li-COR Inc., Lincoln, Nebraska, USA).

Figure 3.1 Schematic representation of microalgal cultivation setup.
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Batch culture experiments were conducted in 1 L Erlenmeyer flask bioreactors.
Each bottle was equipped with a rubber septum, a ceramic gas inlet tube, and a ceramic
gas exhaust tube fitted with air filter to prevent contaminants from entering the
bioreactors.

All bioreactors were first degreased by soaking dilute Sparkleen, then

cleaned in dilute HCl. Rubber stoppers and air filters were purchased from Fisher
Scientific to cap the bioreactors to prevent contamination, which were autoclaved
separately from culture medium before using. The bioreactors, culture medium, ceramic
tubes, and air filters were autoclaved for 25 minutes at 121oC. The cultures were aerated
with filtered ambient air, plastic tubing was used to attach the ceramic gas inlet tube and
for connecting to oil-free diaphragm pumps (Tetra Whisper air pump 10 gallon).
3.2 Chemicals
The following chemicals used in this study were purchased form Sigma Aldrich:
citric

acid,

acetone

(>99.5%,

A.C.S.

reagent),

methanol

(>99.9%,

A.C.S.

spectrophotometric grade), diethyl ether (A.C.S. reagent, anhydrous, >99.0%, contains
BHT as inhibitor), hexane (>97%, GC), chloroform, sodium dodecyl sulfate and sodium
dodecylbenzenesulfonate (technical grade) were used as received. Ethyl acetate (certified
A.C.S.), formaldehyde solution (Formalin, ACS reagents, 37% in H2O, 10-15% methanol
as stabilizer) and 1-butanol (certified A.C.S.) were purchased from Fisher Scientific and
were also used as received.
3.3 Microalgal biomass concentration vs optical density calibration curve
A standard curve, shown in Figure 3.2, was constructed to determine biomass
concentration versus optical density measured by spectrophotometry. A calibration curve
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of optical density at 685 nm values and corresponding microalgal biomass dry weight
was constructed by gravimetrically measuring the biomass concentration of known
culture medium volumes that were previously centrifuged at 3300 rpm for 20 min and

Biomass concentration (g/L)

dried at 85oC until constant weight.

1.0
0.8

y = 0.3723x - 0.0193
0.6
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0.2
0.0
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Figure 3.2 Standard curve depicting concentration of Nannochloropsis Sp. biomass with
respect to optical density reading.
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CHAPTER 4
HARVEST OF NANNOCHLOROPSIS SP. USING ORGANIC SOLVENT BY
TUNING THE CELL SURFACE HYDROPHOBICITY WITH LOW PH AND
REUSE OF CULTURE MEDIUM

4.1 Introduction
Global concerns over the increase in greenhouse gases and fast depletion of fossil
fuels has led to a search for alternative fuels. Microalgae have attracted attention as a
promising feedstock for the production of renewable biofuels. Microalgae have high
photosynthetic efficiency, high lipid productivity, and do not need to compete with food
crops for either land or water. However, the high cost associated with the production of
biofuel based on microalgae is a major concern for practical commercialization. The
production of microalgal biodiesel is a multistep process involving cultivation, harvesting
of biomass, lipid extraction and lipid transesterification. Microalgal cultivation typically
results in uniformly dispersed microalgal cell at concentrations of less than 2 g/L, to
improve lipid extraction efficiency, the removal of large volume of water from the
microalgal biomass is necessary.

Microalgal harvesting is energy intensive, it can

account for 20-30% of the total cost of microalgal biofuel production (Wan et al., 2015).
It is considered one of the key challenges in microalgal biofuel production, because of the
low biomass concentration, small size (2-50 um in diameter) and negatively charged cell
surface. The development of energy efficient and profitable technologies through process
integration is, therefore, a high priority for microalgal biodiesel production. Various
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methods have been developed to harvest microalgal biomass, such as sedimentation,
centrifugation, filtration, coagulation-flocculation, and flotation. However, each methods
has its own limitations, such as low reliability, biomass contamination, high capital cost,
high energy consumption, and scalability problems (Barros et al., 2015).
Deliberate changes to microalgal cell surface hydrophobicity have been found to
have major influences on many microalgal harvesting processes (Amaro et al., 2011;
Garg et al., 2012). Cell surface hydrophobicity has been extensively studied in the
literature as it is regarded as one of the most important factors that influence microbial
adhesion to various surfaces, such as air/water interface and organic solvent/water
interface (Zita, 1997). Therefore, it could be feasible to apply the concept of cell surface
hydrophobicity to harvest microalgae using an organic solvent. Organic solvents have
been used to perform hydrophobicity tests to characterize the surface properties of
various microorganisms. It has been shown that higher cell surface hydrophobicity
increases the propensity of microorganisms to attach to organic solvents (Capizzi and
Schwartzbrod, 2001; Cheng et al., 2010; Garg et al., 2012; Rosenberg et al., 1980).
However, to the best our knowledge, there have been no reports in the literature on the
viability of using organic solvents to harvest microalgae.
When an aqueous suspension containing hydrophobic microorganism is mixed with
an organic solvent for a brief period of time, the cells tend to bind to the organic solvent
droplets, resulting in individual cells of the microorganism adhering to the water and
organic solvent interface (Rosenberg, 1984). It was found that the adhesion may be due
an extracellular material, polysaccharides and nonpolar surface proteins, of each cell
ejected from the aqueous phase into the organic phase of the system. The attraction of
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the cell to hydrocarbon rather than aqueous phase of the system suggest that part of the
cell is relatively hydrophobic (Birdi, 1989; Habimana et al., 2014). Microalgae naturally
exhibit intrinsic hydrophobic or hydrophilic cell surface properties depending on the
variations in the cell wall characteristics (Hao et al., 2017). The tuning of surface
hydrophobicity has long been performed to improve the adherence of small particles to
air bubbles in flotation (Edzwald, 1995; Gochin and Solari, 1983).

Cell surface

hydrophobicity can be tuned by modifying cell wall with surfactants or polymers (Garg et
al., 2012; R. K. L. Yap et al., 2014). It can also be influenced by environmental factors,
such as growth phase, temperature, medium composition, ionic strength and pH
(Boullemant et al., 2009; Chen et al., 1998; Du et al., 2012; Henderson et al., 2008;
Nesbitt et al., 1982). The cell surface hydrophilicity of various microorganism has been
shown to be minimized at moderate suspension pH and can be increased by adjusting the
pH to extreme values (Bunt et al., 1995; Drozd and Schwartzbrod, 1996; Escuyer et al.,
1986).
This study explores using organic solvents (n-hexane, 1-butanol, and ethyl acetate)
for harvesting freshwater microalgae Nannochloropsis Sp. by tuning microalgal cell
surface hydrophobicity with low pH. The effects of pH, type of organic solvent, organic
solvent to suspension ratio, and recycling of organic solvents on harvesting efficiency are
investigated. Since the reuse of the supernatant after harvesting would greatly reduce
water consumption and production cost, the suitability of reusing culture medium was
also investigated. The toxicity of n-hexane and the feasibility of using 1-butanol and
ethyl acetate as external carbon source were discussed.
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4.2 Methods
4.2.1 Strain and culture conditions
The freshwater microalgae Nannochloropsis sp. (CCMP 2904) employed in the
present study was obtained from National Center for Marine Algae and Microbiota
(NCMA) at Bigelow Laboratory for Ocean Sciences. The microalgae from stock culture
were cultivated in 5 L glass containers. The culture medium was DY-V, which contained:
MgSO4·7H2O (50 mg/L); KCl (3 mg/L); NH4Cl (2.68 mg/L); NaNO3 (20 mg/L); Na2 βglycerophosphate (2.16 mg/L); H3BO3 (0.8 mg/L); Na2SiO3·9H2O (14 mg/L);
CaCl2·2H2O (75 mg/L); 4-morpholineethanesulfonic acid (200 mg/L); Na2EDTA·2H2O
(8 g/L); FeCl3·6H2O (1 g/L); MnCl2·4H2O (200 mg/L); ZnSO4·7H2O (40 mg/L);
CoCl2·6H2O (8 mg/L); Na2MoO4·2H2O (20 mg/L); Na3VO4·10H2O (2 mg/L); H2SeO3 (4
mg/L); thiamine·HCl (200 mg/L); biotin (1 mg/L); cyanocobalamin (1 mg/L). The
culture medium was prepared with deionized water, the pH was adjusted to 6.8 using 1 M
NaOH before autoclaving.

Cultivation conditions were as follows: illuminated by

fluorescent lighting (T5) at constant intensity of 100 µmol/m2/s on a 16:8 light:dark cycle,
aerated with filtered ambient air using an oil-free diaphragm pump, and maintained at
temperature 23±1oC.
4.2.2 Organic solvent harvesting
The harvesting experiment was carried out using Nannochloropsis Sp. culture at the
end of the exponential growth to early stationary stage, where the pH was 7.7±0.1. The
harvesting experiments were performed using 60 mL of culture suspension in 150 ml
beakers at room temperature. Microalgal culture suspension with biomass concentrations
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of 0.35 g/L and 0.85 g/L was harvested, respectively. The organic solvents used were nhexane (certified ACS from Fisher), 1-butanol (certified ACS from Fisher), and ethyl
acetate (Optima Fisher Chemical from Fisher).

For each organic solvent, three

parameters namely pH of microalgal culture, acid type and organic solvent to microalgal
culture ratio were evaluated in the study.
The effect of pH was studied by adding various amounts of either an alkali solution
(1 M sodium hydroxide) or an acid solution (1 M hydrochloric acid or 1 M nitric acid) to
obtain microalgal culture suspension with pH values of 11, 6, 5, 4, 3.5, and 3. Organic
solvent harvesting was also performed with culture suspension without addition of alkali
or acid solutions, which had suspension pH of 7.7. The alkali or acid solution was added
to 60 mL of culture suspension to the designated pH value and mixed for 1 min to ensure
complete solubility.

Then, 20 mL of an organic solvent was added to the culture

suspension and the mixture was stirred at 700 rpm for 1 min with a magnetic stir bar,
which was just enough time to produce a temporary homogeneous mixture. After mixing,
the sample was allowed to separate for 1 min, then samples were taken at distance of 2
cm below the water and organic solvent interface. The optical density at 685 nm of the
samples was measured by a spectrophotometer (Varian Cary1 50, Varian, Inc., Australia).
The harvesting efficiency was calculated with the following equation:
Harvesting efficiency (%) = (ODi - ODf) / ODi x 100
Where ODi and ODf were sample optical densities before and after harvesting,
respectively.
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To investigate the effect of organic solvent to culture suspension ratio on harvesting
efficiency, microalgal culture suspension with biomass concentrations of 0.85 g/L was
adjusted with nitric acid to pH 4 and 5, respectively. Three different organic solvent to
culture suspension ratios (1:3, 2:3, 3:3) were used to investigate the optimal condition.
The recycling of organic solvents was also investigated in this study. Organic
solvent harvesting was performed on microalgal culture suspension with biomass
concentrations of 0.85 g/L and adjusted with nitric acid to pH 3. Organic solvent to
culture suspension ratio was 3:3. After harvesting, the organic layer and aqueous layer
were separated with a separatory funnel. The bottom third of the organic layer containing
microalgae were also discarded; the top two thirds were decanted into a container for
recycling experiments. The recycled organic solvents were used as is without filtering.
Each organic solvent was recycled twice.
All harvesting experiments were carried out in triplets.
4.2.3 Reuse of culture medium
The culture medium recycling experiments were conducted over 13 days,
cultivated in 500 mL Erlenmeyer flasks under the same conditions mentioned previously
without nutrient repletion. The cultures were inoculated with a stock culture, so that each
culture volume was 400 mL with initial biomass concentration of approximately 90 mg/L.
For the main experiment, standard DY-V concentration was used. To prepare
supernatants for recycling experiments, microalgae at late stationary stage were harvested
using either nitric acid or hydrochloric acid at pH 3 with n-hexane, 1-butanol, and ethyl
acetate, respectively. The supernatants were not sterilized to preserve the organic solvent
46

concentration in solution.

For recycling of supernatants containing n-hexane, the

supernatants were used without dilution. Concentrated DY-V medium were added to the
supernatants, then the pH was adjusted to 6.8 using 1 M NaOH, and finally the
suspension was inoculated with a stock culture. For recycling of supernatants containing
1-butanol and ethyl acetate, the supernatants were reused as a small daily dose added to a
400 mL of fresh DY-V culture medium prepared with deionized water. Each supernatant
was adjusted to pH 6.8 using 1 M NaOH and kept in an airtight container. Over a 12-day
period, each supernatant was added daily in two different doses (0.18 mL and 0.27 mL)
to the cultures, which correspond to two final dilution factors (185 fold dilution and 125
fold dilution), respectively. Fresh DY-V medium was used as control.
To investigate nutrient effect on 1-butanol and ethyl acetate tolerance, the nutrient
concentration was increased to 1.5 times of standard DY-V concentration. The recycling
experiments were repeated with the supernatants from microalgae harvested using
hydrochloric acid at pH 3 with 1-butanol and ethyl acetate, respectively. 400 mL of DYV culture medium with 1.5 times of standard DY-V concentration were prepared with
deionized water. Supernatant containing 1-butanol was added daily in two different
doses (0.18 mL and 0.27 mL) to the cultures over 12 days, respectively. Supernatant
containing ethyl acetate was added daily in two different doses (0.27 mL and 0.4 mL) to
the cultures over 12 days, which correspond to two final dilution factors (125 fold
dilution and 84 fold dilution), respectively. Fresh medium with 1.5 times of standard
DY-V concentration was used as control.
The biomass growth was measured spectrophotometrically for optical density at
685 nm. A calibration curve of optical density at 685 nm values and corresponding
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microalgal biomass dry weight was constructed by gravimetrically measuring the
biomass concentration of known culture medium volumes that were previously
centrifuged at 3300 rpm for 20 min and dried at 85oC until constant weight.
All growth medium recycling experiments were carried out in doubles.
4.3 Results and discussion
4.3.1 Organic solvent harvesting
It can be seen from Figure 4.1 that after harvesting, microalgae aggregate at the
organic solvent and aqueous suspension interface. The results are not shown, but the
optical density at 685 nm of the organic solvents after harvesting was essentially zero,
which means no intracellular chlorophyll was extracted by the organic solvents. It has
been reported that microalgal cells are very resistant and cell walls remained intact when
exposed to low pH values at room temperature (Liu et al., 2013). After harvesting, the
organic layer and aqueous layer were separated with a separatory funnel. Most of the
aqueous layer was discarded and the organic solvent and organic solvent/water interphase
containing microalgae was decanted into a container. Gentle agitation (200 rpm with
magnetic stir bar) of the mixture results in the microalgal cells aggregate into clusters at
the bottom due to the hydrophilic part of microalgal cell wall.
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(A)

(B)

(D)

(C)

(E)

Figure 4.1 Snapshots of harvesting of microalgal biomass using nitric acid and 1-butanol
(A) before mixing, (B) pH 6, (C) pH 3, (D) side view of separated butanol layer, (F) top
view of aggregated microalgae in the butanol layer.
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4.3.2 Effect of pH, organic solvent type, and biomass concentration on microalgal
harvesting
In Figure 4.2, the harvesting efficiency of different organic solvent at different pH
is shown; pH ranging from 3 to 11 were tested. Nannochloropsis sp. exhibits some cell
surface hydrophobicity properties at pH 7.7, since harvesting efficiency of at least 40%
was achieved without pH changes. For all organic solvents, the harvesting efficiency
increased with the decrease of suspension pH, this is in line with reports of the increasing
of cell surface hydrophobicity with extreme pH values (Drozd and Schwartzbrod, 1996).
It has been suggested in the literature that the surface hydrophobicity is one of the main
mechanisms that promotes the initial adhesion of microalgal cells to surfaces (Ozkan and
Berberoglu, 2013). Suspension pH of 3 resulted in the highest harvesting efficiency.
Using nitric acid at pH 3, suspension biomass concentration of 0.35 g/L resulted in
efficiencies of 89%, 92%, and 98% for n-hexane, ethyl acetate, and 1-butanol
respectively. For almost all cases, at the same suspension pH, harvest of suspension with
higher initial biomass concentration resulted in better harvesting efficiency. Using nitric
acid at pH 3, suspension biomass concentration of 0.85 g/L resulted in efficiencies of
92%, 96%, and 99% for n-hexane, ethyl acetate, and 1-butanol respectively. 1-butanol
yielded the best harvesting efficiencies at low pH, while hexane performed the worst.
There were virtually no differences in harvesting efficiency between using hydrochloric
acid and nitric acid to adjust suspension pH. Increasing pH with sodium hydroxide also
increased cell surface hydrophobicity and resulted in improved harvesting efficiency, but
it also caused microalgal cells to self-aggregate in large clusters of biomass. Even though
organic solvents were able to separate these clusters from the aqueous phase into the
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interface, it was observed that due to their size, even slight perturbation to the interface
caused clusters of larges size to dissociate from the interface. This phenomena was also
observed in harvesting microalgae with flocculation/flotation method, where small sized
flocs improved harvesting efficiency while large flocs decreased harvesting efficiency
due to large flocs falling off air bubbles (Edzwald, 2010). This problem was mitigated by
using chloroform, which has a higher density than that of water. However due to the
toxicity of chloroform, this option was not further explored.
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Figure 4.2 Harvesting efficiency of Nannochloropsis sp. at different pH using various
organic solvents at 1:3 organic solvent to microalgal suspension ratio: (A) and (C) pH
adjusted with 1 M hydrochloric acid or 1 M sodium hydroxide with biomass
concentration of 0.35 g/L and 0.85 g/L, respectively; (B) and (D) pH adjusted with 1 M
nitric acid or 1 M sodium hydroxide with biomass concentration of 0.35 g/L and 0.85 g/L,
respectively. Error bars represent standard deviation.
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4.3.3 Effect of organic solvent to culture suspension ratio on microalgal harvesting
Three different organic solvent to microalgal suspension ratios were studied shown
in Figure 4.3. As expected the highest organic solvent to microalgal suspension ratio, 3:3,
resulted in the best harvesting efficiency for both pH 4 and 5. At pH 4, when organic
solvent to microalgal suspension ratio increased from 1:3 to 3:3, the harvesting efficiency
improved from 83%, 85%, and 85% to 96%, 98%, and 99% for n-hexane, 1-butanol, and
ethyl acetate, respectively. While at pH 5, the harvesting efficiency improved from 79%,
81%, and 83% to 91%, 92%, and 93% for n-hexane, 1-butanol, and ethyl acetate,
respectively. Since similar harvesting efficiencies can be achieved, using large amount of
acid and low volume of organic solvent or lower amount of acid and large volume of
organic solvent, economic analysis has to be performed to determine the optimum
condition between the price of acid vs. energy cost for pumping and mixing of organic
solvent.
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Figure 4.3 Harvesting efficiency of Nannochloropsis sp. with biomass concentration of
0.85 g/L using different organic solvents at various organic solvent to microalgal
suspension ratios: (A) pH 4 adjusted with 1 M nitric acid; (B) pH 5 adjusted with 1 M
nitric acid. Error bars represent standard deviation.
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4.3.4 Effect of recycling organic solvent on microalgal harvesting
After most of the aqueous layer was discarded, gentle agitation (200 rpm with
magnetic stir bar) of the mixture resulted in the microalgal cells to aggregate into clusters
at the bottom. This could be because the hydrophilic parts of the microalgal cell wall
cause cells to aggregate at regions in contact with residue water. Most of organic solvent
can be separated from microalgal biomass. For this study, only the top two third were
recovered for recycling experiments.

As seen in Figure 4.4, there are almost no

differences in harvesting efficiency between each recycling time.

The harvesting

efficiency of fresh hexane, ethyl acetate, and butanol was 95.9%, 97.9%, and 98.8%,
respectively, while recycling twice resulted in harvesting efficiency of 95.9%, 97.7% and
98.1%, respectively.
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Figure 4.4 Harvesting efficiency of Nannochloropsis sp. with biomass concentration of
0.85 g/L at pH 3 (nitric acid) using recycled organic solvents at organic solvent to
microalgal suspension ratio of 3:3. Error bars represent standard deviation.
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4.3.5 Culture medium reuse
One of the main drawbacks of conventional flocculation process is that
flocculants are often toxic to microalgae and the growth medium cannot be reused. For
industrial applications, growth medium after biomass separation should be useable for
new microalgae cultivation to reduce production cost.

The possibility of reusing

harvested supernatant for Nannochloropsis sp. growth was investigated.
The product of neutralizing nitric acid with NaOH is NaNO3, which is a
component of DY-V medium. Therefore, recycling of the supernatant harvested using
nitric acid would minimize the cost of nutrients. The neutralization of hydrochloric acid
with NaOH generates NaCl, which at low concentrations had negligible effects on the
growth rate of freshwater microalgae (Castrillo et al., 2013). Although multiple recycling
of growth medium would eventually result in high NaCl concentration, high salt content
harms the growth and viability of freshwater microalgae. The main purpose of using
hydrochloric acid in recycling study was to study the effects of organic solvents on
Nannochloropsis sp.
Carbon source for microalgae culture are usually atmospheric CO2, CO2 enriched
air, CO2 rich flue gas emitted from power plants and industrial processes, and other water
soluble organic and inorganic carbon sources. CO2 enriched air is the most prevalent
carbon source used for microalgal growth in laboratory setting. CO2 used to enrich air
are usually captured, which can be energy intensive and expensive (Cuellar-Bermudez et
al., 2015). While microalgae cultures with CO2 enriched air provide carbon source and
buffering of culture pH, the CO2 that are not used by cells is ultimately released back into
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the atmosphere. Organic solvents may cause toxicity effects to microalgae, resulting in
metabolic disruption and cell death (Okumura, J. Koyama, H. Takaku, H. S, 2001; Wu et
al., 2014). However, organic solvents, such as methanol and methyl acetate, and organics
compounds, such as sodium acetate and sodium bicarbonate, have been used in previous
research as external carbon sources for the growth of various microorganisms.
Microorganisms utilize carbon as an energy source to drive metabolism as well as the
synthesis of new cellular materials. Heterotrophic microorganisms are able to utilize
organic carbon sources while autotrophic microorganisms utilize carbon dioxide as a
carbon source (Choi et al., 2011; Choo et al., 2016; Smith et al., 2015; White et al., 2013).
Ethyl acetate has been used in bacteria growth as an alternative carbon source (Fortin et
al., 2001). Some microalgae have been found to be mixotrophic and use both inorganic
(CO2) and organic carbon (methanol) sources for growth (Kotzabasis et al., 1999).
Therefore, the possibility of using recycled supernatants containing 1-butanol and ethyl
acetate as external carbon sources was examined. The observed growth rates and final
biomass density of Nannochloropsis sp. was investigated.
Since n-hexane has low solubility in water, 0.0013% (w/v) at 20 oC, the
supernatant was used without dilution for recycling of supernatant containing n-hexane.
Methanol has been reported to be useful as an external carbon source for microalgae
growth and it has been shown to have toxic effects on microalgae above 1% (w/v)
concentration in culture. Methanol as an external carbon source yielded the best results
when used as daily dosage of 0.005% (w/v) methanol over 10 days (Bhatnagar et al.,
2011)(Kotzabasis et al., 1999). Therefore, recycling supernatants containing ethyl acetate
and 1-butanol was reused as small dosage added daily to fresh microalgal culture. Ethyl
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acetate has a solubility of 8.3% (w/v) at 20oC in water, daily dosage of 0.18 mL and 0.27
mL, and 0.4 mL results in a daily ethyl acetate concentration of 0.0037%, 0.0056%, and
0.0083% (w/v) in microalgal culture, respectively. 1-butanol has a solubility of 7.7%
(w/v) at 20oC in water, daily dosage of 0.18 mL and 0.27 mL, and 0.4 mL results in a
daily 1-butanol concentration of 0.0035%, 0.0052%, and 0.0077% (w/v) in microalgal
culture.
Microalgal growths in recycling of supernatants containing n-hexane, ethyl
acetate, and 1-butanol with standard nutrient concentration compared to the control
culture are shown in Figure 4.5. In all experiments with reused supernatant containing
butanol, both the growth rates and final biomass concentrations were significantly lower
than that of the control, signifying symptoms of toxicity.

It seems to be that

Nannochloropsis sp. was unable to use butanol as a carbon source. Therefore, even
though butanol had the best harvesting efficiencies, the inability for reusing of the
supernatant means it is not an ideal organic solvent for harvesting.
In experiments with reusing supernatant containing hydrochloric acid, ethyl
acetate and standard nutrient concentration, both daily doses of 0.18 mL and 0.27 mL
resulted in enhanced growth rate during the first 6 days when compared to the control.
However, they reached plateau quickly after that, resulting in a lower final biomass
density than that of the control at the end of 13 days. Daily doses of 0.18 mL had a
slightly better growth rate and final biomass concentration than that from daily doses of
0.27 mL ethyl acetate supernatant. In experiments with reusing supernatant containing
nitric acid, ethyl acetate and standard nutrient concentration, both daily doses of 0.18 mL
and 0.27 mL resulted in enhanced growth rate during the first 7 days when compared to
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the control.

Daily doses of 0.18 mL resulted in slightly higher final biomass

concentration (0.142 g/L) than that of the control (0.137 g/L), while daily doses of 0.27
mL resulted in lower final biomass concentration (0.126 g/L) than that of the control.
Again, daily doses of 0.18 mL had better growth rate and final biomass concentration
than that from daily doses of 0.27 mL ethyl acetate.

In experiments with reusing

supernatant containing hexane, the impediment to growth of the microalgae was observed
between day 1 and day 3 for both nitric acid and hydrochloric acid supernatants.
However, after the initial period of stagnant growth both also had the same amount of
days of exponential growth as the control. The hydrochloric acid supernatants resulted in
similar final biomass concentration (0.139 g/L) to that of control.

The Nitric acid

supernatant resulted in higher final biomass concentration (0.156 g/L) to that of control.
The better growth rate and final biomass density of reused supernatants containing nitric
acid than those contained hydrochloric acid can be attributed to neutralized nitric acid
provide extra nutrient to the microalgal culture.
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Figure 4.5 Microalgal growth in recycling of supernatants containing n-hexane, ethyl
acetate (EA), or 1-butanol (BT): (A) control culture with standard nutrient concentration;
(B) reused culture with standard nutrient concentration after harvesting with hydrochloric
acid and various organic solvents; (C) reused culture with standard nutrient concentration
after harvesting with nitric acid and various organic solvents.
standard deviation.
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Error bars represent

The microalgae growth rate is determined primarily by nutrient concentration;
therefore, ethyl acetate utility as an alternative carbon source could also be governed by
nutrient concentration. Nannochloropsis sp. has preference toward using ammonia as
nutrient source, as it has been shown to assimilate ammonia at a higher rate than nitrate.
Ammonia required no enzymatic reduction for assimilation, but the nitrate needs to be
reduced by two independent enzymatic steps, from reduction of nitrate to nitrite, followed
by reduction of nitrite to ammonia before it can be assimilated by microalgae. Hence,
nitrate is used as a slower rate than that of ammonia (Hii et al., 2011). The effect of
nutrient concentration on ethyl acetate and 1-butanol utilization and biomass grow rate
was investigated.
Microalgal growth in recycling of supernatants containing ethyl acetate, and 1butanol with 1.5 times the standard nutrient concentration is shown in Figure 4.6. While
daily dosage of 0.27 mL supernatant containing standard nutrient concentration,
hydrochloric acid, and ethyl acetate resulted in lower final biomass concentration than
that of the control, when the nutrient concentration increased to 1.5 times the standard
nutrient concentration daily dosage of 0.27 mL supernatant resulted in higher exponential
growth rate and final biomass concentration (0.184 g/L) than that of the control with 1.5
times the standard nutrient concentration (0.172 g/L). Moreover, increasing the daily
dosage to 0.4 mL, resulted in higher exponential growth rate and final biomass
concentration (0.217 g/L) than that of daily dosage of 0.27 mL. Both daily doses of 0.18
mL and 0.27 mL of supernatant containing 1-butanol resulted in slower growth rate and
lower final biomass concentration than that of the control. The nutrient concentration
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appears to be the limiting factor in Nannochloropsis sp. using ethyl acetate as an
alternative carbon source.

Figure 4.6 Microalgal growth in recycling of supernatants containing ethyl acetate (EA),
or 1-butanol (BT). Reused culture with 1.5 times standard nutrient concentration after
harvesting with hydrochloric acid and various organic solvents. Error bars represent
standard deviation.
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The mechanism that microalgae use for ethyl acetate as an alternative carbon
source has yet to be determined. Additional experiments are needed to optimize the
conditions between nutrient concentration, ethyl acetate concentration, and light intensity
for better utilization of ethyl acetate and limit toxic effects.
4.4 Conclusion
An organic solvent-based microalgal harvesting method was developed for harvest
of Nannochloropsis Sp. by tuning cell surface hydrophobicity with low pH (nitric acid).
Using microalgal suspension with biomass concentration of 0.35 g/L and 0.85 g/L at pH
of 3 and organic solvent to microalgal suspension ratio of 1:3, harvesting efficiency of
over 88% was observed with using n-hexane or ethyl acetate, efficiency up to 99% was
observed. Using organic solvent to microalgal suspension ratio of 3:3, over 96% and
over 91% harvesting efficiency was observed at suspension pH of 4 and 5, respectively.
Although the method requires pH modifications to the medium, nitric acid can be used as
nutrient for the growth of new microalgal culture. The reuse of supernatant containing
hexane in the culture medium showed early signs of impeding growth rate, but ultimately
resulted in similar density to the control. Ethyl acetate containing culture medium can be
added back into the growing medium in small does, where the ethyl acetate can be used
as a carbon source for enhanced growth. To develop the commercial potential of this
harvesting method, the relationship between nutrient concentration, light intensity, and
ethyl acetate concentration must be optimized.
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CHAPTER 5
ACID AND SURFACTANT MEDIATED ORGANIC SOLVENT EXTRACTION
OF LIPIDS FROM DILUTE MICROALGAE SUSPENSION

5.1 Introduction
The world depends on petroleum fuels for its energy, but petroleum reserves are
rapidly depleting and its recovery has negative impact on the environment. In recent
years, biofuels have emerged as alternative resource for petroleum fuel. Microalgae in
particular have attracted attention as a promising sustainable energy feedstock option for
liquid biofuel due to their ability to grow at high rates and accumulate large quantities of
lipid content (Bartley et al., 2013). Biofuel production from microalgae is a process that
typically involves four sequential phases: cultivation, harvest, lipid extraction and
conversion of lipids into biodiesel (Kim et al., 2013). Lipid extraction is considered to be
a major bottleneck to biofuels derived from microalgae, because microalgae are protected
by tough cell walls with a high elasticity modulus that require energy intensive extraction
techniques to rapture (Halim et al., 2012a).
Lipids can be extracted from microalgal biomass by mechanical extraction,
solvent extraction, or a combination of these extraction methods. Mechanical extractions,
such as expeller press and ultrasonic assisted extraction, require biomass harvesting and
drying, and is generally very energy intensive (Mubarak et al., 2015). Therefore, solvent
extraction is one the most commonly used methods to extract lipids from microalgae.
Chemical extraction methods typically uses co-solvent system, which are a mixture of a
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non-polar organic solvent (hexane) and a polar organic solvent (methanol), to extract
both neutral lipids (mono-, di-, and tri-glycerides) and polar lipids (phospholipids and
glycolipids) (Ramluckan et al., 2014). When conventional organic solvents methods are
applied to wet microalgal pastes, the microalgal biomass tend to remain in the aqueous
phase, preventing them from making direct contact with organic solvents (Steriti et al.,
2014). Limited physical contact between the organic solvent and the intracellular lipid
content results in low mass transfer and thereby low extraction yields (Mercer and
Armenta, 2011). It has been suggested that sufficient cell disruption to facilitate the
release of intracellular content is instrumental in effective lipid extraction from
microalgal biomass (Prabakaran and Ravindran, 2011). Various cell disruption methods,
such as microwaves, sonication, bead beating, osmotic pressure, and acid pre-treatment,
have been reported in the literature to work with solvent extraction to improve extraction
efficiency, but at the expense of increased energy expenditures (Brennan and Owende,
2010). Surfactants have been reported to have the ability to disrupt cell membranes and
affect the permeability of lipid bilayer (Almgren, 2000; Lichtenberg et al., 2013).
Specifically, sodium dodecyl sulfate (SDS) has been used to extract both neutral and
polar lipid in various cell and tissue samples (Burton et al., 1985; Undeland et al., 1998).
However, the use of surfactants for the extraction of lipids from dilute microalgae
suspension has not been well studied in the literature. Conventional monophasic organic
solvent extraction methods require long extraction time due to slow passive diffusion.
While conventional biphasic organic solvent extraction methods require dewatering algal
biomass and sufficient cell wall disruption to overcome the hydrophilic envelope
surrounding the algal cells (B. H. J. Yap et al., 2014). During preliminary studies, it was
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discovered that partially water-miscible organic solvents, ethyl acetate, diethyl ether, and
1-butanol, were capable of achieving excellent extraction efficiency with shortened
extraction times.
In this chapter, we propose a new procedure of lipid extraction from dilute
microalgal suspension that does not require harvesting or drying of the microalgal
biomass. Ethyl acetate was chosen as the partially water-miscible organic solvent, since
it is an environmentally friendly solvent (Loser et al., 2014). SDS was used for the dual
role of cell membrane disruption and the subsequent lipid diffusion. Citric acid was used
to enhance and accelerate membrane disruption.
performed at room temperature.

All extraction procedures were

The influence of main process parameters on the

extraction efficiency have been studied, namely the effects of SDS concentration,
solution pH level (citric acid concentration), extraction time, and ethyl acetate to
microalgal suspension ratios.

The effects of two separation methods, centrifuge

separation and gravitational separation combined with pH adjustment, on extraction
efficiency were also studied. Extracted lipids obtained by this method and a modified
Bligh and Dyer method have been compared in terms of total lipid yield, fatty acid
methyl ester (FAME) yield, and FAME composition.
5.2 Methods
5.2.1 Strain, culture and harvesting conditions
The green microalgae, Nannochloropsis Salina, were kindly provided by Dr.
Kimberly Ogden from the University of Arizona, Tucson. The Nannochloropsis Salina
was grown in conventional paddle-wheel driven outdoor raceways with f/2-Si artificial
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seawater media. After cultivation, the microalgal culture was harvested by centrifuge
(Crowe et al., 2012). Although microalgal cell densities of up to 10 g/L are possible in
well-designed photobioreactors (Rawat et al., 2013), typical microalgae cultivation
usually results in suspensions with biomass concentrations of 0.1 - 2 g/L (Wiley et al.,
2011).

Prior to each set of experiments, 1 ml of concentrated microalgae was re-

suspended with 5 ppt NaCl in deionized water to make a bulk microalgal suspension with
biomass concentration of 1.16 ± 0.11 g/L.

Concentrations were determined

gravimetrically with aliquots of 6 ml microalgal suspension taken from the bulk
microalgal suspension and dried at 85oC until constant weight.
5.2.2 Lipid extraction methods
5.2.2.1 Bligh and Dyer method (B&D)
The FAME and the total lipid content of Nannochloropsis Salina were determined
using a modified B&D method (Bligh and Dyer, 1959).

Re-suspended microalgae

culture (6 ml) was mixed with chloroform and methanol to reach ratio of 7.5:15:6
chloroform/methanol/water (v/v/v) and homogenized on a wrist action shaker (Multiwrist shaker, Lab-Line, Melrose Park, IL, USA) at room temperature. After overnight
mixing, solvent ratios were adjusted to 15:15:13.5 chloroform/methanol/water (v/v/v).
The bottom chloroform layer was filtered with a 0.22 µm pore size PTFE membrane filter
(Nalgene, USA) to remove microalgal debris and the chloroform was removed by drying
at 40oC until constant weight. Nannochloropsis Salina has total lipid of 23 ± 2% to dry
biomass weight and FAME content of 7.2 ± 1% to dry biomass weight as determined by
the B&D method. The reported yields were averaged from three replicate extractions.
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5.2.2.2 Acid and Surfactant Mediated Liquid-Liquid Lipid Extraction (ASMLLLE)
method
Flow diagram of the ASMLLLE process is depicted in Figure 5.1.

Pre-

determined amounts of SDS were mixed with 6 ml of re-suspended microalgal
suspension for 2 min, for complete dissolution, in a glass beaker equipped with a stir bar.
Suspension pH was adjusted to a designated pH level by adding 1 M citric acid solution.
The pH of the bulk microalgal suspension without the addition of citric acid was typically
6.5 ± 0.1. The amount of 1 M citric acid solution needed to achieve a desired microalgal
suspension pH was pre-determined using a microalgal suspension of 1.21 g/L, prior to the
actual experiments using a digital Fisher Scientific Education pH meter at room
temperature (23.9 ± 1.1oC). Detailed citric acid concentrations used in the various
experiments are summarized in Table 5.1.

The concentrations of SDS used in the

microalgal suspensions were always above the critical micelle concentration (CMC) and
varied between 0.25% and 2% (w/v). Concentrations of citric acid were between 0.96
and 42.28 g/L of microalgal suspension, which correlate to microalgal suspensions with
pH between 6 and 3, respectively.
Initially, 6 ml of ethyl acetate was added to the treated microalgal suspension
mixture to extract lipids by inducing an emulsion between the ethyl acetate phase and the
aqueous phase. Emulsion was achieved by vigorously shaking the mixture with a wrist
action shaker at 4o arc and on setting 7 out of 10 scale (1256 ± 13 oscillations/min) for 30
sec. In latter experiments, lipid extractions using ethyl acetate ranging from 2 ml to 12
ml and mixing time ranging from 15 sec to 5 min were studied, respectively.
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Figure 5.1 The process of Acid and Surfactant Mediated Liquid-Liquid Lipid Extraction
(ASMLLLE) from dilute microalgal suspension.
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Table 5.1 The citric acid concentration used to achieve different microalgal suspension
pH at various sodium dodecyl sulfate (SDS) concentrations.
SDS

Concentration of citric acid (g/L)

(% w/v)

pH 6.5 pH 6

pH 5

pH 4

pH 3.5 pH 3

0.25

0

0.96

2.31

5.77

9.61

35.55

0.5

0

0.96

2.31

5.77

9.61

35.55

0.75

0

0.96

2.31

5.77

12.49

35.55

1

0

0.96

2.31

5.77

13.45

38.44

1.25

0

0.96

2.31

6.73

13.45

38.44

1.5

0

0.96

2.31

6.73

15.37

42.28

1.75

0

0.96

2.31

6.73

15.37

42.28

2

0

0.96

2.31

6.73

15.37

42.28

After mixing, the emulsion was separated into their constituent phases by two
different separation methods. Separation by centrifuge in an IEC Spinette benchtop
centrifuge (Damon/IEC Division, Needham, MA) for 5 min was used for the majority of
the experiments to obtain consistent separation and produce precise and repeatable lipid
extraction results. Another low energy separation technique used was gravity separation
in conjunction with pH adjustment, where the emulsion mixture was allowed to separate
for 1 h, and then the pH of the aqueous phase was adjusted to 7.5. This adjustment
facilitated the coalescence of droplets at the water/ethyl acetate interface. Finally, the
mixture was gravitationally separate for 1 addition hour to achieve full separation.
After settling, the mixture partitioned into two distinct phases: a top dark green
ethyl acetate layer containing the extracted lipids and a bottom light yellow aqueous layer
containing the residual microalgal biomass. The ethyl acetate layer was collected and
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filtered with a 0.22 µm pore size PTFE membrane filter (Nalgene, USA) to remove
microalgal debris. The solvent was then evaporated, and the residue was gravimetrically
quantified. It should be noted that water has 3.3 wt% solubility in ethyl acetate at 2025oC (Sah, 1997), therefore the ethyl acetate phase contains extracted lipids, citric acid
and SDS residue. To quantify the amount of citric acid and SDS residue in the ethyl
acetate layer, the experiments was replicated by performing the extraction process using
5 ppt NaCl in deionized water instead of microalgal suspension. Due to the neutralizing
capacity of biomass (Kim and Lee, 2002), the pH of the water solution was not measured;
instead, aliquots of 1M citric acid solution were added to the water to achieve
concentrations previously reported in Table 1.

All extraction experiments were

performed in triplicates with average results reported.
5.2.3 Total lipid and fatty acid methyl ester (FAME) analysis
In this study, the extraction performance was evaluated by three key indicators;
total lipid yield, FAME yield, and FAME composition. However, the research is mainly
focused on FAME yield and composition, since FAMEs are the more desirable products
and more indicative of the effectiveness of the lipid extraction method (Laurens et al.,
2012).
The extracted lipids were converted to FAME by performing transesterification
with 0.8 ml of 2.1% HCl in methanol (v/v) solution in a sealed vial heated at 85oC for 90
minutes. After the reaction, samples were cooled to room temperature. 1 ml of hexane
was used to extract the FAMEs, while 25 µl of pentadecane solution (1 mg/ml in hexane)

72

was added as an internal standard.

After thorough mixing, the organic phase was

collected and transferred into GC vials.
The FAMEs were separated by an Agilent 6890 gas chromatograph equipped with
an Agilent 7693 autosampler and G4513A injector (Agilent, Santa Clara, USA), and a
HP-5ms column (Agilent, 30 m length, 0.25 mm diameter, and 0.25 μm film thickness).
The identification of FAMEs was achieved with an Agilent 5973 mass selective detector
(Agilent, Santa Clara, USA) attached to the GC system. Helium was used as the carrier
gas at 1 ml/min and a split ratio of 1:10. The injector temperature was set to 280°C and a
solvent delay period of 3 min was assigned. The initial temperature of the column oven
was set to 40°C, then raised to 190°C at 6°C/min, then raised to 210°C at 2°C/min, and
finally raised to 300°C at 30oC/min. The MS source and MS quad temperature were set
to 230°C and 150°C , respectively. FAMEs were identified by retention time and
fragmentation pattern via NIST 2011 database, while quantification was performed
relative to a Supelco 37 component FAME standard mix (Supelco, Bellefonte, USA).
The FAME yield was reported as ratio between the weight of the FAME extracted
and the biomass dry weight (DW). The total lipid yield was calculated by the follow
equation;
Total lipid yield (%) = (Wase - Wwe) / Wdab x 100.
In this equation, Wase is the weight of ethyl acetate layer residue from the microalgae
suspension extraction, Wwe is the weight of ethyl acetate layer residue from the 5 ppt
NaCl in deionized water extraction, and Wdab is the weight of dry microalgal biomass.
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5.3 Results and discussion
5.3.1 Effects of SDS concentration and suspension pH
Anionic surfactants are one of the most studied surfactants in oil recovery process
in the literature. Surfactants in solution assemble into micelles and micelles have the
ability to disrupt cell membranes and enhance solubility of lipids that otherwise display
very low solubility in water (Almgren, 2000). An anionic surfactant, SDS, was selected
for this study because it is readily available and has a hydrophilic-lipophilic balance
(HLB) of 40 (Niraula et al., 2004). The high HLB of SDS means it prefers to concentrate
in the aqueous phase rather than organic solvent phase (Van Der Graaf et al., 2005). In
the present study, a high HLB surfactant was more likely to remain in the aqueous phase
after liquid-liquid extraction and release microalgal lipids into the organic solvent phase.
The effects of SDS concentration and microalgal suspension pH on the FAME yield and
the total lipid yield are shown in Figure 5.2. As mentioned above, a pH of 6.5 indicates
no citric acid was added to the microalgal suspensions. It can be observed that both lipid
and FAME content were extracted even in the absence of citric acid. As the SDS
concentration increased from 0.25 to 2% (w/v), the lipid and FAME yield went from 3.08
± 0.68% DW and 1.38 ± 0.04% DW to 10.73 ± 0.78% DW and 3.47 ± 0.04% DW,
respectively. This observation corresponds with the finding of Nazari et al. (Nazari et al.,
2012) that the increase in surfactant concentration results in the increase of the lysis of
cell membranes. It has been suggested that surfactants can insert and incorporate into the
lipid bilayer. This interaction increases the permeability of the lipid membrane and
facilitate the diffusion of intracellular content across the membrane (Annesini et al., 2000;
Paternostre et al., 1988).
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Figure 5.2 (A) FAME yield and (B) total lipid yield, from lipid extractions performed
with various sodium dodecyl sulfate (SDS) concentrations in combination with different
microalgal suspension pH levels, where the ethyl acetate to microalgal suspension ratio
was 6:6 (v/v) and the extraction time was 30 sec. Error bars are standard deviations, n=3.
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Acid pre-treatment has been reported to effectively disrupt microalgal cell
membranes and enhance extraction efficiency (Bai et al., 2014). As shown in Figure 5.2,
for almost all concentrations of SDS, when the microalgal suspension pH was adjusted to
3.5 and 3, respectively, the total lipid yield and FAME yield was dramatically improved
when compared to those achieved using microalgal suspension pH of 6.5, 6, and 5. The
best FAME yield, 6.10 ± 0.13% DW, occurred at 1.5% (w/v) SDS concentration and
microalgal suspension pH of 3.5, and further increases in both SDS and citric acid
concentrations did not improve the FAME yield. The optimum total lipid yield, 18.77 ±
1.64% DW, occurred at 2% (w/v) SDS and microalgal suspension pH of 3, although it
was only a slight increase from the total lipid yield of 18.62 ± 0.95% DW achieved at 1.5%
(w/v) SDS and microalgal suspension pH of 3.5. The pH of the microalgal suspension
was not lowered beyond 3 because high concentration of acid can cause degradation to
the extracted microalgal lipids (Kim et al., 2013). Since FAME was the more desired
product, 1.5% (w/v) SDS concentration and microalgal suspension pH of 3.5 was the
most appropriate extraction condition in terms of both economics and performance.
5.3.2 Effects of extraction time
The extraction time is the amount of time used to agitate the mixture of ethyl
acetate and the microalgal suspension. The extraction time indirectly indicates both the
rate of acid and surfactant induced diffusion of lipids from the microalgal biomass, and
the rate of ethyl acetate extracting the lipids from the surfactant micelles in the aqueous
phase. The effects of extraction time on the recovery of FAME and total lipids are shown
in Figure 5.3. In this experiment, the extraction times were varied from 15 sec, 30 sec, 1
min, 2 min, and 5 min. For extractions performed with 1.5% (w/v) SDS and microalgal
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suspension pH of 4, the best performance was achieved at extraction time of 2 min,
where the FAME yield and the total lipid yield was 6.00 ± 0.23% and 18.68 ± 2.19% DW,
respectively.

When the extraction time was increased to 5 min, a slight drop in

performance was observed in both the FAME yield, 5.74 ± 0.12% DW, and the total lipid
yield, 18.63 ± 1.83% DW.

For extractions performed with 1.5% (w/v) SDS

concentration and microalgal suspension pH of 3.5, the FAME yield increased from 5.35
± 0.15% to 6.10 ± 0.13% DW when extraction time increased from 15 sec to 30 sec; no
increase in FAME yield was observed when extraction times were longer than 30 sec.
However, the best total lipid yield, 19.5 ± 1.77% DW, was achieved at extraction time of
2 min. Even at longer extraction times, the extractions performed with 1.5% (w/v) SDS
and microalgal suspension pH of 4 were not able to reach the same effectiveness as the
extractions performed with 1.5 (w/v) SDS and microalgal suspension pH of 3.5. Based
on the results, extraction time of 30 seconds appears sufficient for complete FAME
extraction.
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Figure 5.3 Effects of extraction time on FAME yield and total lipid yield from
extractions performed with 6:6 (v/v) ethyl acetate to microalgal suspension ratio, (A) 1.5%
(w/v) SDS and microalgal suspension pH of 4, and (B) 1.5% (w/v) SDS and microalgal
suspension pH of 3.5. Error bars are standard deviations, n=3.
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5.3.3 Effects of ethyl acetate to microalgal suspension ratio
In order to evaluate the effects of ethyl acetate to microalgal suspension ratios on
the recovery of FAME and total lipids, six (v/v) ratios (2:6, 4:6, 6:6, 8:6, 10:6, and 12:6)
were examined. As shown in Figure 5.4, as the ratio of ethyl acetate to microalgal
suspension increased from 2:6 to 12:6, the recovery of FAME and total lipids went from
16.94 ± 0.7% and 5.59 ± 0.16% DW to 20.11 ± 1.95% and 6.36 ± 0.17% DW,
respectively. The results are not shown, but liquid-liquid extraction performed with a
water-immiscible organic solvent, hexane, to recover lipids from the surfactants in the
aqueous phase was not successful. No measurable FAME was discovered in the hexane
phase after extraction. Since the extracted lipids are enclosed by the outer hydrophilic
heads of the SDS micelles in the aqueous phase, hexane was not able to penetrate the
core of the micelles during liquid-liquid extraction. However, liquid-liquid extraction
performed with a partially water-miscible organic solvent, ethyl acetate, could extract
lipids from the aqueous phase.

It was speculated that ethyl acetate works by first

dissolving into the aqueous phase to extract the lipids from the SDS micelles. Then
under agitation, ethyl acetate dissolved in the aqueous phase creates a high distribution
coefficient, at a reduced surface tension, that can easily extract lipids into the bulk ethyl
acetate phase where they are stabilized in this highly polar solvent. The higher ethyl
acetate to microalgal suspension ratio resulted in more lipids dissolved in the bulk ethyl
acetate phase, hence results in higher FAME and total lipid yield. From the experimental
result, ethyl acetate to microalgal suspension ratio of 6:6 was the most economical.
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Figure 5.4 Effects of ethyl acetate to microalgal suspension ratio on FAME yield and
total lipid yield.

All extractions were performed with 1.5% (w/v) SDS, microalgal

suspension pH of 3.5, and extraction time of 30 sec. Error bars are standard deviations,
n=3.
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5.3.4 Separation methods and FAME profile
Two different separation methods were compared, separation by centrifuge for 5
min and separation by gravity. It was observed that when gravity separation was used
alone, most the ethyl acetate was separated from the aqueous phase within 1 h. However,
there were large droplets at the solution interface, which could take more than 24 hours to
coalesce. It has been reported that surfactant and fine biomass debris bind to the surface
of the interface and prevent droplets from coalescing.

This interference with the

coalescing process results in the formation of a relatively stable Pickering emulsion at the
solution interface (Rayner et al., 2014). One way to destabilize the Pickering emulsion is
to adjust the pH of the aqueous phase to the isoelectric point (Dyab, 2012). A complete
and distinct separation was achieved with one additional hour of gravity settling after the
pH of the aqueous phase was adjusted to 7.5.
The optimum ASMLLLE extraction condition was determined to be 6:6 (v/v)
ethyl acetate to microalgal suspension ratio, 1.5% (w/v) SDS concentration, microalgal
suspension pH of 3.5, and extraction time of 30 sec. The B&D method was selected as
standard to compare the efficiency of the ASMLLLE extractions using optimum
operating parameters, the results are shown in Table 5.2. The theoretical maximum of
FAME yield was 7.23 ± 0.11% DW and total lipid yield was 22.98 ± 0.73% DW
determined by the B&D method. The ASMLLLE method with centrifuge separation
achieved 84.4% of the theoretical FAME yield and 81.1% of the theoretical total lipids
yield, while the ASMLLLE method with gravity separation and pH adjustment could
achieve 83% of the theoretical FAME yield and 79.6% of the theoretical total lipid yield.
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Table 5.2 Comparison of total lipid yield, FAME yield, and FAME composition between
lipid extracts obtained by the Bligh and Dyer (B&D) and the ASMLLLE extractions
methods.

Ethyl acetate to microalgal suspension ratio 6:6 (v/v), 1.5% (w/v) SDS,

microalgal suspension pH of 3.5, extraction time of 30 sec, and two separation methods:
Centrifuge (centrifuge for 5 min) and Gravity/pH (gravity separation and pH adjustment)
were used. Each value within the table is express as mean ± standard deviation of
triplicate experiments.

Extraction methods
B&D

ASMLLLE extractions
Centrifuge

Gravity/pH

Total lipid yield (% DW)

22.98 ± 0.73

18.63 ± 0.95

18.30 ± 1.12

FAME yield (% DW)

7.23 ± 0.11

6.10 ± 0.13

6.00 ± 0.14

C16:0

16.35 ± 0.03

16.23 ± 0.38

15.57 ± 0.51

C16:1

1.00 ± 0.02

1.09 ± 0.09

0.99 ± 0.04

C16:1n9

3.18 ± 0.07

3.13 ± 0.10

3.24 ± 0.08

C16:2

9.44 ± 0.09

9.65 ± 0.13

9.63 ± 0.12

C16:3

17.16 ± 0.01

18.18 ± 0.35

17.70 ± 0.26

C17:0

0.19 ± 0.07

0.17 ± 0.01

0.13 ± 0.03

iso-C17:0

0.62 ± 0.01

0.55 ± 0.05

0.57 ± 0.02

C17:1n7

0.33 ± 0.05

0.36 ± 0.02

0.38 ± 0.01

C18:0

1.20 ± 0.01

0.78 ± 0.04

0.82 ± 0.06

C18:1n9c

3.44 ± 0.08

3.46 ± 0.16

3.57 ± 0.09

C18:2n6c

23.39 ± 0.24

24.34 ± 0.33

24.19 ± 0.47

C18:3n9c

22.76 ± 0.20

22.38 ± 0.27

21.63 ± 0.48

FAME composition (%)
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The main FAMEs for Nannochloropsis Salina were C16:0, C16:2, C16:3,
C18:2n6c and C18:3n9c. These FAMEs comprised around 89% of all measured FAMEs.
It was evident that the FAME composition of the lipid extracts obtained from the
ASMLLLE method is similar if not identical to that of the B&D method.
5.3.5 Foaming
Foam is a dispersion of gas bubbles in liquid. Surfactant stabilizes foam, making
it easier to form foam and stabilize against coalescence of bubbles. One of the concerns
of surfactant-facilitated extraction is foaming, foaming can affect scale up. However,
partially water-soluble organic solvent acts as foam breaker to cause collapse of foams.
Various mechanisms have been proposed regarding the mechanism of foam breakers, the
widely accepted mechanism is that when hydrocarbons enter and spread at the air-water
interface of the foam films, it disrupts the film.
5.4 Conclusion
ASMLLLE method presented can effectively extract FAME and total lipids
content from dilute microalgal suspension of Nannochloropsis Salina, at room
temperature. Optimum conditions were 1.5% (w/v) SDS, microalgal suspension pH of
3.5, 6:6 ethyl acetate to microalgal suspension ratio, with 30 sec extraction time.
ASMLLLE method achieved 83-84.4% of the theoretical FAME yield and 79.6-81.1% of
the theoretical total lipid yield depending on the phase separation method used. No
differences in terms of FAME profile were observed when compared to the B&D method.
Future research will focus on process scale up and the economic requirements for the
ASMLLLE process.
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CHAPTER 6
ECONOMIC ANALYSIS

6.1 Introduction
Although the true cost of a process can only be assessed at the pilot plant level, a
preliminary economic analysis of chemical and energy cost on the laboratory scale of
harvesting and extraction are presented.

The cost of culturing and initial capital

investment (land, equipment and construction) was not considered in the present work.
6.2 Harvesting economics
The primary costs for the organic solvent based harvesting is the energy needed to
pump and mix the organic solvent; since both nitric acid and ethyl acetate can be used by
microalgae as nutrients for growth, chemical cost is not accounted for in the economic
calculations.
For a given stirred speed, the power required depends on the resistance offered by
the fluid to rotation of the impeller. The equation used to estimate power consumption is
based on the impeller’s Reynolds number. Biphasic mixing generally requires the use of
high shear, low flow mixers. The magnetic stir bars speed is 700 rpm. Assuming
electrical power is used to drive the impeller, the harvesting process is modeled as if it
was occurring in a cylindrical tank with a rotating propeller. The Reynold’s number is:
Re = ρND2/µ
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Where Re is the Reynolds number, ρ is the density of the fluid, N (700 rpm) is the
rotational speed, D (0.025 m) is the diameter of the magnetic stirrer, and µ is the dynamic
viscosity of the fluid. The density and kinematic viscosity of the mixture is assumed to
be that of water. The Reynolds number (7292) is in the turbulent regime and the power
consumption is defined as:
Pm = NpρN3 D5
Where Pm is power consumption of the impeller, Np is the power number, ρ is the density
of the fluid, N is the rotational speed, D is the diameter of the magnetic stirrer. Using the
power number, 1, obtained from Perry’s handbook (Perry and Green, 2008) the power
consumption was determined to be 0.0155 W.
Since economic analysis reported by the literature does not account for the power
consumption needed to pump microalgal suspension, for the present study, only the
power needed to pump ethyl acetate before and after harvesting was calculated. Pump
energy use is a function of various factors, including efficiency, pipe sizing, pipe length,
flow rate and lift. In the present study, the power consumption of the pump is defined as:
Pp = Qρgh/eff
Where Pp is power consumption of the pump, Q is the flow rate, ρ is the density of the
fluid, g is the gravitational acceleration, h is the head loss, and eff is the pump efficiency.
The following assumptions were made in regards of the operating condition: flow rate is
1 m3/h, head loss is 10 meters, and pump efficiency is 80%. The pump power required
was determined to be 0.0244 kW.
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The cost of harvesting 1000 liter of microalgae with different harvesting
techniques are given in Table 6.1, where the electricity prices were calculated by using
$0.1/kWh. For organic solvent based harvesting, the cost of the pH adjustment chemical
and the organic solvent were not accounted, since both can be recycled and used to
promote microalgae growth. The cost for organic solvent based harvesting is lowered
than other methods proposed in the literature; however, this cost estimate is based on
small batch (60 mL) harvesting, further investigation using large-scale continuous
process has to be performed to assess the viability and true cost of organic solvent based
harvesting.
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Table 6.1 Cost of harvesting 1000 liter of microalgae with different harvesting
techniques, where the electricity prices were calculated by using $0.1/kWh

Harvesting methods
ElectroChemical
flocculation + Organic solvent
Centrifugation flocculation
+
mixing
+ based harvesting
Sedimentation
settling
Algae
species

Nannochloropsis Tetraselmis
sp. (marine)
sp.

Nannochloropsis
sp. (freshwater)

Total energy
consumed
5.5
(kWh/m3)

-----

0.091

0.0653

Energy
(USD)

0.55

-----

0.0091

0.00653

Flocculant
(price)

-----

Chitosan
($1.5/kg)

-----

-----

Flocculant
dosage (g)

-----

120g

-----

-----

0.09

-----

-----

Acetic acid
($0.4/kg)

-----

-----

42 mL

-----

-----

Chlorella sp.

cost

Flocculant
----cost (USD)
pH chemical
----(price)
pH chemical
----dosage (L)
pH
adjustment
cost (USD)

-----

0.0084

-----

-----

Total
(USD)

0.55

0.0984

0.0091

0.00653

Source

cost

(Sharma
al., 2013)

et (Farid
2013)

et
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al., (A. K. Lee et
al., 2013)

6.3 Extraction economics
The ASMLLLE extraction is modeled as if it was occurring in a cylindrical tank
with a rotating propeller. The Reynold’s number is:
Re = ρND2/µ
Where Re is the Reynolds number, ρ is the density of the fluid, N (1300 rpm) is the
rotational speed, D (0.019 m) is the diameter of the agitator, and µ is the dynamic
viscosity of the fluid. The density and kinematic viscosity of the mixture is assumed to
be that of water. The Reynolds number (7822) is in the turbulent regime and the power
consumption is defined as:
Pm = NpρN3 D5
Where Pm is power consumption of the mixer, Np is the power number, ρ is the density of
the fluid, N is the rotational speed, D is the diameter of the agitator. Using the power
number, 1, obtained from Perry’s handbook, the power consumption was determined to
be 0.0252 W.
Citric acid is approximately $800/ton and SDS is $1200/ton.

Assuming a

microalgal biomass concentration of 1.21 g/L, approximately 13 kg of citric acid and 15
kg of SDS is used to make a suspension of 1.5% (w/v) of SDS at pH 3.5. The cost of
lipid extraction from 1 kg of dry microalgae with various extraction methods are given in
Table 6.2, where the electricity prices were calculated by using $0.1/kWh. It can be seen
that while the ASMLLLE extraction method uses significantly less energy than that of
the other method, it also uses significantly more chemicals resulting in highest cost of
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extraction.

It should be noted that the ASMLLLE method does not require pre-

concentration of the microalgal suspension and most other extraction methods require
harvesting and dewatering of microalgae, which adds time and cost to what is shown in
Table 6.2. It can also be seen that the harvest of microalgae always results in less energy
spent on lipid extraction.

Therefore, ASMLLLE method performed on harvested

microalgae should be investigated in the future to mitigate the high chemical cost.
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Table 6.2 Cost of lipid extraction from 1 kg of dry microalgae with various extraction
methods, where the electricity prices were calculated by on $0.1/kWh

Harvesting
method

Microalgae
conc. (g/L)

Energy
consumed
(kWh/kg)

Energy
cost
(USD)

Chemical
Cost
(USD)

Total
Cost
(USD)

Source

Bead milling

5

46.6

4.66

-----

4.66

(Lee et al.,
2010)

50

4.16

0.416

-----

0.416

(Hedenskog
et al., 1969)

107

2.06

0.206

-----

0.206

(Doucha and
Lívanský,
2008)

1.5

14.8

1.48

-----

1.48

(Gerde et al.,
2012)

14.1

1.57

0.157

-----

0.157

(Gerde et al.,
2012)

50

6.3

0.63

-----

0.63

(Adam et al.,
2012)

8.5

147

14.7

-----

14.7

(Halim et al.,
2012b)

35

444

44.4

-----

44.4

(Samarasing
he et al.,
2012)

15

4.5

0.45

-----

0.45

(Ali
and
Watson,
2015)

1.21

0.0578

0.006

28.4

28.406

Ultrasound

High pressure
homogenizer

Organic
solvent
Microwave

ASMLLLE

+
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CHAPTER 7
CONCLUSION AND FUTURE STUDIES

7.1 Conclusions
This research focused on two aspects of the downstream processes of microalgal
biofuel namely the harvest of microalgae and the extraction of lipids from microalgae.
An organic solvent based microalgal harvesting method was developed for
harvest of Nannochloropsis Sp. by tuning cell surface hydrophobicity with low pH (nitric
acid). Using microalgal suspension 0.85 g/L at pH of 3 and organic solvent to microalgal
suspension ratio of 1:3, harvesting efficiency of over 90% was observed with using nhexane, 1-butanol and ethyl acetate, respectively. Using organic solvent to microalgal
suspension ratio of 3:3, over 96% and over 91% harvesting efficiency was observed at
suspension pH of 4 and 5, respectively. After nitric acid was neutralized with sodium
hydroxide, the supernatant can be used as nutrient for the growth of new microalgal
culture. The reuse supernatant containing hexane containing culture medium showed
early signs of impeding growth rate, but ultimately resulted in similar density to the
control. Ethyl acetate containing culture medium can be added back into the growing
medium in small doses, where the ethyl acetate can be used as a carbon source for
enhanced growth.
ASMLLLE method presented can effectively extract FAME and total lipids
content from dilute microalgal suspension of Nannochloropsis Salina, at room
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temperature. Optimum conditions were 1.5% (w/v) SDS, microalgal suspension pH of
3.5, 6:6 ethyl acetate to microalgal suspension ratio, with 30 sec extraction time.
ASMLLLE method achieved 83-84.4% of the theoretical FAME yield and 79.6-81.1% of
the theoretical total lipid yield depending on the phase separation method used. No
differences in terms of FAME profile were observed when compared to the B&D method.
Future research will focus on process scale up and the economic requirements for the
ASMLLLE process.
7.2 Future studies
The harvesting and the extraction methods presented in this work still suffers
from some of the disadvantages of other harvesting and extraction methods, namely, they
are species-specific. No one method is suitable for all species of microalgae (Milledge
and Heaven, 2013; Onay et al., 2016). Preliminary experiments showed that the organic
solvent based harvesting was not efficient in harvesting marine water microalgae with
salt concentration above 15 ppt. When organic solvent based harvesting was performed
on a dilute culture suspension of Dunaliella Salina, a strain of microalgae without a cell
wall, ethyl acetate at pH 3 was able to directly extract lipids from the microalgae. No
further experiments were performed due to the Dunaliella Salina culture was invaded and
taken over by an unknown microorganism. It would be beneficial to explore using the
organic solvent harvesting procedure presented in the work for extraction of lipids from
microalgae species without cell wall. The ASMLLLE extraction method was not able to
extract lipids from freshwater microalgae Nannochloropsis sp. Therefore, it would be
beneficial to perform these methods on other species of microalgae.
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To develop the commercial potential of the organic solvent harvesting method,
the relationship between nutrient concentration, light intensity, and ethyl acetate
concentration must be optimized. It could be possible to neutralize nitric acid with
ammonium hydroxide, thus providing both ammonium and nitrate for the medium. It
would be interesting to make a comparison between microalgae grown with air and ethyl
acetate, and microalgae grown with CO2 enriched air.
Since supernatant containing ethyl acetate has to be used in dilution, to eliminate
the need for large amount of storage, it would be beneficial to find another organic
solvent with lower solubility in water that can still be used an alternative carbon source.
Acetic acid at pH 4.5 and concentration 3 mM stimulated cell wall acidification
growth of maize coleoptiles at much higher rate than citric acid at the same pH and
concentration (Brummer et al., 1984). Different acid solution can be experimented to
achieve the same extraction efficiency with less acid additions.
The leftover water layer may be discarded as it has low concentration of sodium
dodecyl sulfate, which biodegrade rapidly, and concentration of ethyl acetate about 8%,
which has very low toxicity. The treatment or the possibility of recycle sodium dodecyl
sulfate and ethyl acetate must explored. An alternative surfactant should be explored to
allow the recycle of the water for cultivation after extraction.
An investigation into using nitric acid and recyclable surfactants should be
conducted to reduce cost and allow for the reuse of the supernatant for cultivation.
The ASMLLLE method should be performed on harvested microalgae to reduce
the chemical cost of the extraction.
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There are processes that use ethyl acetate for transesterification process instead of
methanol (Miesiac et al., 2013). In the future, direct transesterification with ethyl acetate
should be explored to eliminate the extra energy consumption used by evaporation of
ethyl acetate.

94

Bibliography
Adam, F., Abert-Vian, M., Peltier, G., Chemat, F., 2012. “Solvent-free” ultrasoundassisted extraction of lipids from fresh microalgae cells: A green, clean and scalable
process. Bioresour. Technol. 114, 457–465. doi:10.1016/j.biortech.2012.02.096
Aghbashlo, M., Demirbas, A., 2016. Biodiesel: hopes and dreads. Biofuel Res. J. 3, 379–
379. doi:10.18331/BRJ2016.3.2.2
Al-Zoubi, H., Ibrahim, K.A., Abu-Sbeih, K.A., 2015. Removal of heavy metals from
wastewater by economical polymeric collectors using dissolved air flotation process.
J. Water Process Eng. 8, 19–27. doi:10.1016/j.jwpe.2015.08.002
Al Hattab, M., Ghaly, A., Hammoud, A., 2015. Microalgae Harvesting Methods for
Industrial Production of Biodiesel: Critical Review and Comparative Analysis. J.
Fundam. Renew. Energy Appl. 5, 1000154. doi:10.4172/20904541.1000154
Ali, M., Watson, I.A., 2015. Microwave treatment of wetalgal paste for enhanced solvent
extraction of lipids for biodiesel production. Renew. Energy 76, 470–477.
doi:10.1016/j.renene.2014.11.024
Allen, E., Wall, D.M., Herrmann, C., Murphy, J.D., 2016. A detailed assessment of
resource of biomethane from first, second and third generation substrates. Renew.
Energy 87, 656–665. doi:10.1016/j.renene.2015.10.060
Almgren, M., 2000. Mixed micelles and other structures in the solubilization of bilayer
lipid membranes by surfactants. Biochim. Biophys. Acta - Biomembr. 1508, 146–
163. doi:10.1016/S0005-2736(00)00309-6
Amaro, H.M., Guedes, A.C., Malcata, F.X., 2011. Advances and perspectives in using
microalgae to produce biodiesel. Appl. Energy 88, 3402–3410.
doi:10.1016/j.apenergy.2010.12.014
Annesini, M.C., Memoli, A., Petralito, S., 2000. Kinetics of surfactant-induced release
from liposomes: A time-dependent permeability model. J. Memb. Sci. 180, 121–131.
doi:10.1016/S0376-7388(00)00524-X
Atabani, A.E., Silitonga, A.S., Ong, H.C., Mahlia, T.M.I., Masjuki, H.H., Badruddin, I.A.,
Fayaz, H., 2013. Non-edible vegetable oils: A critical evaluation of oil extraction,
fatty acid compositions, biodiesel production, characteristics, engine performance
and emissions production. Renew. Sustain. Energy Rev. 18, 211–245.
doi:10.1016/j.rser.2012.10.013
Babel, S., Takizawa, S., 2010. Microfiltration membrane fouling and cake behavior
during algal filtration. Desalination 261, 46–51. doi:10.1016/j.desal.2010.05.038
Bai, X., Ghasemi Naghdi, F., Ye, L., Lant, P., Pratt, S., 2014. Enhanced lipid extraction
from algae using free nitrous acid pretreatment. Bioresour. Technol. 159, 36–40.
doi:10.1016/j.biortech.2014.01.133
95

Bakatula, E.N., Cukrowska, E.M., Weiersbye, I.M., Mihaly-Cozmuta, L., Peter, A., Tutu,
H., 2014. Biosorption of trace elements from aqueous systems in gold mining sites
by the filamentous green algae (Oedogonium sp.). J. Geochemical Explor. 144, 492–
503. doi:10.1016/j.gexplo.2014.02.017
Balasubramanian, S., Allen, J.D., Kanitkar, A., Boldor, D., 2011. Oil extraction from
Scenedesmus obliquus using a continuous microwave system - design, optimization,
and quality characterization. Bioresour. Technol. 102, 3396–3403.
doi:10.1016/j.biortech.2010.09.119
Barros, A.I., Gonçalves, A.L., Simões, M., Pires, J.C.M., 2015. Harvesting techniques
applied to microalgae: A review. Renew. Sustain. Energy Rev. 41, 1489–1500.
doi:10.1016/j.rser.2014.09.037
Bartley, M.L., Boeing, W.J., Dungan, B.N., Holguin, F.O., Schaub, T., 2013. pH effects
on growth and lipid accumulation of the biofuel microalgae Nannochloropsis salina
and invading organisms. J. Appl. Phycol. 1–7. doi:10.1007/s10811-013-0177-2
Becker, E.W., 2007. Micro algae as a source of protein. Biotechnol Adv 25, 207–210.
doi:10.1016/j.biotechadv.2006.11.002
Becker, E.W. (E. W., 1994. Microalgae : biotechnology and microbiology. Cambridge
University Press.
Bhatnagar, A., Chinnasamy, S., Singh, M., Das, K.C., 2011. Renewable biomass
production by mixotrophic algae in the presence of various carbon sources and
wastewaters. Appl. Energy 88, 3425–3431. doi:10.1016/j.apenergy.2010.12.064
Biller, P., Ross, A.B., 2011. Potential yields and properties of oil from the hydrothermal
liquefaction of microalgae with different biochemical content. Bioresour. Technol.
102, 215–225. doi:10.1016/j.biortech.2010.06.028
Birdi, K.S., 1989. Lipid and Biopolymer Monolayers at Liquid Interfaces. Springer US,
Boston, MA. doi:10.1007/978-1-4899-2525-1
Bleeke, F., Quante, G., Winckelmann, D., Klöck, G., 2015. Effect of voltage and
electrode material on electroflocculation of Scenedesmus acuminatus. Bioresour.
Bioprocess. 2, 36. doi:10.1186/s40643-015-0064-6
Bligh, E.G., Dyer, W.J., 1959. A RAPID METHOD OF TOTAL LIPID EXTRACTION
AND PURIFICATION. Can. J. Biochem. Physiol. 37, 911–917. doi:10.1139/o59099
Boullemant, A., Lavoie, M., Fortin, C., Campbell, P.G.C., 2009. Uptake of Hydrophobic
Metal Complexes by Three Freshwater Algae: Unexpected Influence of pH. Environ.
Sci. Technol. 43, 3308–3314. doi:10.1021/es802832u
Brennan, L., Owende, P., 2010. Biofuels from microalgae-A review of technologies for
production, processing, and extractions of biofuels and co-products. Renew. Sustain.
Energy Rev. 14, 557–577. doi:10.1016/j.rser.2009.10.009
96

Brummer, B., Felle, H., Parish, R.W., 1984. Evidence that acid solutions induce plant cell
elongation by acidifying the cytosol and stimulating the proton pump. FEBS Lett.
174, 223–227. doi:10.1016/0014-5793(84)81162-X
Bunt, C.R., Jones, D.S., Tucker, I.G., 1995. The effects of pH, ionic strength and
polyvalent ions on the cell surface hydrophobicity of Escherichia coli evaluated by
the BATH and HIC methods. Int. J. Pharm. 113, 257–261. doi:10.1016/03785173(94)00205-J
Burton, G.W., Webb, A., Ingold, K.U., 1985. A mild, rapid, and efficient method of lipid
extraction for use in determining vitamin E/lipid ratios. Lipids 20, 29–39.
doi:10.1007/BF02534359
Capizzi, S., Schwartzbrod, J., 2001. Surface properties of Ascaris suum eggs:
Hydrophobic potential and Lewis acid-base interactions. Colloids Surfaces B
Biointerfaces 22, 99–105. doi:10.1016/S0927-7765(01)00145-X
Carpita, N.C., 1985. Tensile strength of cell walls of living cells. Plant Physiol. 79, 485–
488. doi:10.1104/pp.79.2.485
Carter, N.A., 2012. Environmental and economic assessment of microalgae-derived jet
fuel.
Castrillo, M., Lucas-Salas, L.M., Rodríguez-Gil, C., Martínez, D., 2013. High pHinduced flocculation-sedimentation and effect of supernatant reuse on growth rate
and lipid productivity of Scenedesmus obliquus and Chlorella vulgaris. Bioresour.
Technol. 128, 324–329. doi:10.1016/j.biortech.2012.10.114
Chang, J., Ciais, P., Viovy, N., Vuichard, N., Herrero, M., Havlík, P., Wang, X., Sultan,
B., Soussana, J.F., 2016. Effect of climate change, CO2 trends, nitrogen addition,
and land-cover and management intensity changes on the carbon balance of
European grasslands. Glob. Chang. Biol. 22, 338–350. doi:10.1111/gcb.13050
Chen, L., Wang, C., Wang, W., Wei, J., 2013. Optimal conditions of different
flocculation methods for harvesting Scenedesmus sp. Cultivated in an open-pond
system. Bioresour. Technol. 133, 9–15. doi:10.1016/j.biortech.2013.01.071
Chen, Y.M., Liu, J.C., Ju, Y.H., 1998. Flotation removal of algae from water. Colloids
Surfaces B Biointerfaces 12, 49–55. doi:10.1016/S0927-7765(98)00059-9
Cheng, Y.L., Juang, Y.C., Liao, G.Y., Ho, S.H., Yeh, K.L., Chen, C.Y., Chang, J.S., Liu,
J.C., Lee, D.J., 2010. Dispersed ozone flotation of Chlorella vulgaris. Bioresour.
Technol. 101, 9092–9096. doi:10.1016/j.biortech.2010.07.016
Cheng, Y.L., Juang, Y.C., Liao, G.Y., Tsai, P.W., Ho, S.H., Yeh, K.L., Chen, C.Y.,
Chang, J.S., Liu, J.C., Chen, W.M., Lee, D.J., 2011. Harvesting of Scenedesmus
obliquus FSP-3 using dispersed ozone flotation. Bioresour. Technol. 102, 82–87.
doi:10.1016/j.biortech.2010.04.083
Chisti, Y., 2007. Biodiesel from microalgae. Biotechnol. Adv. 25, 294–306.
97

doi:10.1016/j.biotechadv.2007.02.001
Cho, H.S., Oh, Y.K., Park, S.C., Lee, J.W., Park, J.Y., 2013. Effects of enzymatic
hydrolysis on lipid extraction from Chlorella vulgaris. Renew. Energy 54, 156–160.
doi:10.1016/j.renene.2012.08.031
Choi, W.Y., Oh, S.H., Seo, Y.C., Kim, G. Bin, Kang, D.H., Lee, S.Y., Jung, K.H., Cho,
J.S., Ahn, J.H., Choi, G.P., Lee, H.Y., 2011. Effects of methanol on cell growth and
lipid production from mixotrophic cultivation of Chlorella sp. Biotechnol.
Bioprocess Eng. 16, 946–955. doi:10.1007/s12257-010-0394-3
Choo, S., Um, Y., Han, S.O., Woo, H.M., 2016. Engineering of Corynebacterium
glutamicum to utilize methyl acetate, a potential feedstock derived by carbonylation
of methanol with CO. J. Biotechnol. 224, 47–50. doi:10.1016/j.jbiotec.2016.03.011
Chung, Y., Choi, Y.C., Choi, Y.H., Kang, H.S., 2000. A demonstration scaling-up of the
dissolved air flotation. Water Res. 34, 817–824. doi:10.1016/S0043-1354(99)002249
Crowe, B., Attalah, S., Agrawal, S., Waller, P., Ryan, R., Van Wagenen, J., Chavis, A.,
Kyndt, J., Kacira, M., Ogden, K.L., Huesemann, M., 2012. A comparison of
nannochloropsis salina growth performance in two outdoor pond designs:
Conventional raceways versus the arid pond with superior temperature management.
Int. J. Chem. Eng. 2012, 1–9. doi:10.1155/2012/920608
Cuellar-Bermudez, S.P., Garcia-Perez, J.S., Rittmann, B.E., Parra-Saldivar, R., 2015.
Photosynthetic bioenergy utilizing CO2: an approach on flue gases utilization for
third generation biofuels. J. Clean. Prod. 98, 53–65.
doi:10.1016/j.jclepro.2014.03.034
Danquah, M.K., Gladman, B., Moheimani, N., Forde, G.M., 2009. Microalgal growth
characteristics and subsequent influence on dewatering efficiency. Chem. Eng. J.
151, 73–78. doi:10.1016/j.cej.2009.01.047
Dassey, A.J., Theegala, C.S., 2013. Harvesting economics and strategies using
centrifugation for cost effective separation of microalgae cells for biodiesel
applications. Bioresour. Technol. 128, 241–245. doi:10.1016/j.biortech.2012.10.061
Dejoye, C., Vian, M.A., Lumia, G., Bouscarle, C., Charton, F., Chemat, F., 2011.
Combined extraction processes of lipid from Chlorella vulgaris microalgae:
Microwave prior to supercritical carbon dioxide extraction. Int. J. Mol. Sci. 12,
9332–9341. doi:10.3390/ijms12129332
Domozych, D.S., Ciancia, M., Fangel, J.U., Mikkelsen, M.D., Ulvskov, P., Willats,
W.G.T., 2012. The Cell Walls of Green Algae: A Journey through Evolution and
Diversity. Front. Plant Sci. 3, 82. doi:10.3389/fpls.2012.00082
Doucha, J., Lívanský, K., 2008. Influence of processing parameters on disintegration of
Chlorella cells in various types of homogenizers. Appl. Microbiol. Biotechnol. 81,
98

431–440. doi:10.1007/s00253-008-1660-6
Dragone, G., Fernandes, B., Vicente, A., Teixeira, J., 2010. Third generation biofuels
from microalgae. Curr. Res. Technol. Educ. Top. Appl. Microbiol. Microb.
Biotechnol. 1355–1366. doi:10.1016/j.apenergy.2011.03.012
Drozd, C., Schwartzbrod, J., 1996. Hydrophobic and electrostatic cell surface properties
of Cryptosporidium parvum. Appl. Environ. Microbiol. 62, 1227–32.
Du, Z., Mohr, M., Ma, X., Cheng, Y., Lin, X., Liu, Y., Zhou, W., Chen, P., Ruan, R.,
2012. Hydrothermal pretreatment of microalgae for production of pyrolytic bio-oil
with a low nitrogen content. Bioresour. Technol. 120, 13–18.
doi:10.1016/j.biortech.2012.06.007
Dyab, A.K.F., 2012. Destabilisation of Pickering emulsions using pH. Colloids Surfaces
A Physicochem. Eng. Asp. 402, 2–12. doi:10.1016/j.colsurfa.2012.02.041
Edzwald, J., 1995. Principles and applications of dissolved air flotation. Water Sci.
Technol. 31, 1–23. doi:10.1016/0273-1223(95)00200-7
Edzwald, J.K., 2010. Dissolved air flotation and me. Water Res. 44, 2077–2106.
doi:10.1016/j.watres.2009.12.040
Eggers, L.F., Schwudke, D., 2016. Liquid Extraction: Folch, in: Encyclopedia of
Lipidomics. Springer Netherlands, Dordrecht, pp. 1–6. doi:10.1007/978-94-0077864-1_89-1
Ehimen, E.A., Sun, Z.F., Carrington, C.G., 2010. Variables affecting the in situ
transesterification of microalgae lipids. Fuel 89, 677–684.
doi:10.1016/j.fuel.2009.10.011
Escuyer, V., Boquet, P., Perrin, D., Montecucco, C., Mock, M., 1986. A pH-induced
increase in hydrophobicity as a possible step in the penetration of colicin E3 through
bacterial membranes. J. Biol. Chem. 261, 10891–10898.
Esteghlalian, A., Hashimoto, A.G., Fenske, J.J., Penner, M.H., 1997. Modeling and
optimization of the dilute-sulfuric-acid pretreatment of corn stover, poplar and
switchgrass. Bioresour. Technol. 59, 129–136. doi:10.1016/S0960-8524(97)81606-9
Farid, M.S., Shariati, A., Badakhshan, A., Anvaripour, B., 2013. Using nano-chitosan for
harvesting microalga Nannochloropsis sp. Bioresour. Technol. 131, 555–559.
doi:10.1016/j.biortech.2013.01.058
Ferrell, J., Sarisky-Reed, V., 2010. National Algal Biofuels Technology Roadmap, U.S.
Department of Energy. doi:Public Law No. 106-554
FOLCH, J., ASCOLI, I., LEES, M., MEATH, J.A., LeBARON, N., 1951. Preparation of
lipide extracts from brain tissue. J. Biol. Chem. 191, 833–41.
FOLCH, J., LEES, M., SLOANE STANLEY, G.H., 1957. A simple method for the
99

isolation and purification of total lipides from animal tissues. J. Biol. Chem. 226,
497–509. doi:10.1016/j.ultrasmedbio.2011.03.005
Fortin, N.Y., Morales, M., Nakagawa, Y., Focht, D.D., Deshusses, M. a, 2001. Methyl
tert-butyl ether (MTBE) degradation by a microbial consortium. Environ. Microbiol.
3, 407–416. doi:10.1046/j.1462-2920.2001.00206.x
Gao, S., Yang, J., Tian, J., Ma, F., Tu, G., Du, M., 2010. Electro-coagulation-flotation
process for algae removal. J. Hazard. Mater. 177, 336–343.
doi:10.1016/j.jhazmat.2009.12.037
Garg, S., Li, Y., Wang, L., Schenk, P.M., 2012. Flotation of marine microalgae: Effect of
algal hydrophobicity. Bioresour. Technol. 121, 471–474.
doi:10.1016/j.biortech.2012.06.111
Gerardo, M.L., Van Den Hende, S., Vervaeren, H., Coward, T., Skill, S.C., 2015.
Harvesting of microalgae within a biorefinery approach: A review of the
developments and case studies from pilot-plants. Algal Res. 11, 248–262.
doi:10.1016/j.algal.2015.06.019
Gerde, J.A., Montalbo-Lomboy, M., Yao, L., Grewell, D., Wang, T., 2012. Evaluation of
microalgae cell disruption by ultrasonic treatment. Bioresour. Technol. 125, 175–
181. doi:10.1016/j.biortech.2012.08.110
Gochin, R.J., Solari, J., 1983. The role of hydrophobicity in dissolved air flotation. Water
Res. 17, 651–657. doi:10.1016/0043-1354(83)90234-8
González-Fernández, C., Ballesteros, M., 2013. Microalgae autoflocculation: an
alternative to high-energy consuming harvesting methods. J. Appl. Phycol. 25, 991–
999. doi:10.1007/s10811-012-9957-3
Gorin, K. V., Sergeeva, Y.E., Butylin, V. V., Komova, A. V., Pojidaev, V.M., Badranova,
G.U., Shapovalova, A.A., Konova, I.A., Gotovtsev, P.M., 2015. Methods
coagulation/flocculation and flocculation with ballast agent for effective harvesting
of microalgae. Bioresour. Technol. 193, 178–184.
doi:10.1016/j.biortech.2015.06.097
Gui, M.M., Lee, K.T., Bhatia, S., 2008. Feasibility of edible oil vs. non-edible oil vs.
waste edible oil as biodiesel feedstock. Energy 33, 1646–1653.
doi:10.1016/j.energy.2008.06.002
Guldhe, A., Singh, B., Rawat, I., Ramluckan, K., Bux, F., 2014. Efficacy of drying and
cell disruption techniques on lipid recovery from microalgae for biodiesel
production. Fuel 128, 46–52. doi:10.1016/j.fuel.2014.02.059
Gultom, S.O., Hu, B., 2013. Review of microalgae harvesting via co-pelletization with
filamentous fungus. Energies 6, 5921–5939. doi:10.3390/en6115921
Habimana, O., Semião, A.J.C., Casey, E., 2014. The role of cell-surface interactions in
bacterial initial adhesion and consequent biofilm formation on nanofiltration/reverse
100

osmosis membranes. J. Memb. Sci. 454, 82–96. doi:10.1016/j.memsci.2013.11.043
Haik, Y., Selim, M.Y.E., Abdulrehman, T., Hall, D.O., Mynick, H.E., Williams, R.H.,
2011. Combustion of algae oil methyl ester in an indirect injection diesel engine.
Energy 36, 1827–1835. doi:10.1016/j.energy.2010.11.017
Halim, R., Danquah, M.K., Webley, P.A., 2012a. Extraction of oil from microalgae for
biodiesel production: A review. Biotechnol. Adv. 30, 709–732.
doi:10.1016/j.biotechadv.2012.01.001
Halim, R., Harun, R., Danquah, M.K., Webley, P.A., 2012b. Microalgal cell disruption
for biofuel development. Appl. Energy 91, 116–121.
doi:10.1016/j.apenergy.2011.08.048
Hall, D.O., Mynick, H.E., Williams, R.H., 1991. Cooling the greenhouse with bioenergy.
Nature 353, 11–12.
Hansen, J., Kharecha, P., Sato, M., Masson-Delmotte, V., Ackerman, F., Beerling, D.J.,
Hearty, P.J., Hoegh-Guldberg, O., Hsu, S.L., Parmesan, C., Rockstrom, J., Rohling,
E.J., Sachs, J., Smith, P., Steffen, K., Van Susteren, L., Von Schuckmann, K.,
Zachos, J.C., 2013. Assessing “dangerous climate change”: Required reduction of
carbon emissions to protect young people, future generations and nature. PLoS One
8. doi:10.1371/journal.pone.0081648
Hao, W., Yanpeng, L., Zhou, S., Xiangying, R., Wenjun, Z., Jun, L., 2017. Surface
characteristics of microalgae and their effects on harvesting performance by air
flotation 10, 125–133. doi:10.3965/j.ijabe.20171001.2698
Harun, R., Danquah, M.K., 2011. Influence of acid pre-treatment on microalgal biomass
for bioethanol production. Process Biochem. 46, 304–309.
doi:10.1016/j.procbio.2010.08.027
Harun, R., Jason, W.S.Y., Cherrington, T., Danquah, M.K., 2011. Exploring alkaline pretreatment of microalgal biomass for bioethanol production. Appl. Energy 88, 3464–
3467. doi:10.1016/j.apenergy.2010.10.048
Hedenskog, G., Enebo, L., Vendlová, J., Prokeš, B., 1969. Investigation of some methods
for increasing the digestibility in vitro of microalgae. Biotechnol. Bioeng. 11, 37–51.
doi:10.1002/bit.260110104
Henderson, R.K., Baker, A., Parsons, S.A., Jefferson, B., 2008. Characterisation of
algogenic organic matter extracted from cyanobacteria, green algae and diatoms.
Water Res. 42, 3435–3445. doi:10.1016/j.watres.2007.10.032
Hidalgo, P., Ciudad, G., Schober, S., Mittelbach, M., Navia, R., 2015. Improving the
FAME yield of in situ transesterification from microalgal biomass through particle
size reduction and cosolvent incorporation. Energy and Fuels 29, 823–832.
doi:10.1021/ef5023303
Hii, Y., Soo, C., Chuah, T., 2011. Interactive effect of ammonia and nitrate on the
101

nitrogen uptake by Nannochloropsis sp. J. Sustain. Sci. Manag. 6, 60–68.
Jambo, S.A., Abdulla, R., Mohd Azhar, S.H., Marbawi, H., Gansau, J.A., Ravindra, P.,
2016. A review on third generation bioethanol feedstock. Renew. Sustain. Energy
Rev. 65, 756–769. doi:10.1016/j.rser.2016.07.064
Johnson, M.B., Wen, Z., 2009. Production of biodiesel fuel from the microalga
schizochytrium limacinum by direct transesterification of algal biomass. Energy and
Fuels 23, 5179–5183. doi:10.1021/ef900704h
Karmakar, A., Karmakar, S., Mukherjee, S., 2010. Properties of various plants and
animals feedstocks for biodiesel production. Bioresour. Technol. 101, 7201–7210.
doi:10.1016/j.biortech.2010.04.079
Kim, J., Ryu, B.G., Kim, K., Kim, B.K., Han, J.I., Yang, J.W., 2012. Continuous
microalgae recovery using electrolysis: Effect of different electrode pairs and timing
of polarity exchange. Bioresour. Technol. 123, 164–170.
doi:10.1016/j.biortech.2012.08.010
Kim, J., Yoo, G., Lee, H., Lim, J., Kim, K., Kim, C.W., Park, M.S., Yang, J.W., 2013.
Methods of downstream processing for the production of biodiesel from microalgae.
Biotechnol. Adv. 31, 862–876. doi:10.1016/j.biotechadv.2013.04.006
Kim, S.B., Lee, Y.Y., 2002. Diffusion of sulfuric acid within lignocellulosic biomass
particles and its impact on dilute-acid pretreatment. Bioresour. Technol. 83, 165–
171. doi:10.1016/S0960-8524(01)00197-3
Kotzabasis, K., Hatziathanasiou, A., Bengoa-Ruigomez, M. V., Kentouri, M., Divanach,
P., 1999. Methanol as alternative carbon source for quicker efficient production of
the microalgae Chlorella minutissima: Role of the concentration and frequence of
administration. Prog. Ind. Microbiol. 35, 357–362. doi:10.1016/S00796352(99)80128-3
Lardon, L., Hélias, A., Sialve, B., Steyer, J.-P., Bernard, O., 2009. Life-cycle assessment
of biodiesel production from microalgae. Environ. Sci. Technol. 43, 6475–6481.
doi:10.1021/es900705j
Laurens, L.M.L., Nagle, N., Davis, R., Sweeney, N., Van Wychen, S., Lowell, A.,
Pienkos, P.T., 2015. Acid-catalyzed algal biomass pretreatment for integrated lipid
and carbohydrate-based biofuels production. Green Chem. 17, 1145–1158.
doi:10.1039/C4GC01612B
Laurens, L.M.L., Quinn, M., Van Wychen, S., Templeton, D.W., Wolfrum, E.J., 2012.
Accurate and reliable quantification of total microalgal fuel potential as fatty acid
methyl esters by in situ transesterification. Anal. Bioanal. Chem. 403, 167–178.
doi:10.1007/s00216-012-5814-0
Lee, A.K., Lewis, D.M., Ashman, P.J., 2013. Harvesting of marine microalgae by
electroflocculation: The energetics, plant design, and economics. Appl. Energy 108,
102

45–53. doi:10.1016/j.apenergy.2013.03.003
Lee, J.Y., Yoo, C., Jun, S.Y., Ahn, C.Y., Oh, H.M., 2010. Comparison of several
methods for effective lipid extraction from microalgae. Bioresour. Technol. 101,
S75–S77. doi:10.1016/j.biortech.2009.03.058
Lee, K., Lee, S.Y., Na, J.G., Jeon, S.G., Praveenkumar, R., Kim, D.M., Chang, W.S., Oh,
Y.K., 2013. Magnetophoretic harvesting of oleaginous Chlorella sp. by using
biocompatible chitosan/magnetic nanoparticle composites. Bioresour. Technol. 149,
575–578. doi:10.1016/j.biortech.2013.09.074
Lichtenberg, D., Ahyayauch, H., Alonso, A., Goñi, F.M., 2013. Detergent solubilization
of lipid bilayers: A balance of driving forces. Trends Biochem. Sci. 38, 85–93.
doi:10.1016/j.tibs.2012.11.005
Liu, C.-Z., Wang, F., Stiles, A.R., Guo, C., 2012. Ionic liquids for biofuel production:
Opportunities and challenges. Appl. Energy 92, 406–414.
doi:10.1016/j.apenergy.2011.11.031
Liu, J., Zhu, Y., Tao, Y., Zhang, Y., Li, A., Li, T., Sang, M., Zhang, C., 2013. Freshwater
microalgae harvested via flocculation induced by pH decrease. Biotechnol. Biofuels
6, 98. doi:10.1186/1754-6834-6-98
Liu, Y., Lotero, E., Goodwin, J.G., 2006. Effect of water on sulfuric acid catalyzed
esterification. J. Mol. Catal. A Chem. 245, 132–140.
doi:10.1016/j.molcata.2005.09.049
López Barreiro, D., Prins, W., Ronsse, F., Brilman, W., 2013. Hydrothermal liquefaction
(HTL) of microalgae for biofuel production: State of the art review and future
prospects. Biomass and Bioenergy 53, 113–127.
doi:10.1016/j.biombioe.2012.12.029
Loser, C., Urit, T., Bley, T., 2014. Perspectives for the biotechnological production of
ethyl acetate by yeasts. Appl. Microbiol. Biotechnol. 98, 5397–5415.
doi:10.1007/s00253-014-5765-9
Lourinho, G., Brito, P., 2014. Advanced biodiesel production technologies: novel
developments. Rev. Environ. Sci. Biotechnol. 14, 287–316. doi:10.1007/s11157014-9359-x
Mahmoud, E.A., Farahat, L.A., Abdel Aziz, Z.K., Fatthallah, N.A., Salah El Din, R.A.,
2015. Evaluation of the potential for some isolated microalgae to produce biodiesel.
Egypt. J. Pet. 24, 97–101. doi:10.1016/j.ejpe.2015.02.010
Mata, T.M., Martins, A.A., Caetano, N.S., 2010. Microalgae for biodiesel production and
other applications: A review. Renew. Sustain. Energy Rev. 14, 217–232.
doi:10.1016/j.rser.2009.07.020
McMillan, J.R., Watson, I.A., Ali, M., Jaafar, W., 2013. Evaluation and comparison of
algal cell disruption methods: Microwave, waterbath, blender, ultrasonic and laser
103

treatment. Appl. Energy 103, 128–134. doi:10.1016/j.apenergy.2012.09.020
Mercer, P., Armenta, R.E., 2011. Developments in oil extraction from microalgae. Eur. J.
Lipid Sci. Technol. 113, 539–547. doi:10.1002/ejlt.201000455
Miesiac, I., Rogalinski, A., Jozwiak, P., 2013. Transesterification of triglycerides with
ethyl acetate. Fuel 105, 169–175. doi:10.1016/j.fuel.2012.06.086
Milano, J., Ong, H.C., Masjuki, H.H., Chong, W.T., Lam, M.K., Loh, P.K., Vellayan, V.,
2016. Microalgae biofuels as an alternative to fossil fuel for power generation.
Renew. Sustain. Energy Rev. 58, 180–197. doi:10.1016/j.rser.2015.12.150
Milledge, J.J., Heaven, S., 2013. A review of the harvesting of micro-algae for biofuel
production. Rev. Environ. Sci. Biotechnol. 12, 165–178. doi:10.1007/s11157-0129301-z
Misra, R.D., Murthy, M.S., 2010. Straight vegetable oils usage in a compression ignition
engine - A review. Renew. Sustain. Energy Rev. 14, 3005–3013.
doi:10.1016/j.rser.2010.06.010
Mohr, S.H., Wang, J., Ellem, G., Ward, J., Giurco, D., 2015. Projection of world fossil
fuels by country. Fuel 141, 120–135. doi:10.1016/j.fuel.2014.10.030
Molina Grima, E., Belarbi, E.H., Aci??n Fern??ndez, F.G., Robles Medina, A., Chisti, Y.,
2003. Recovery of microalgal biomass and metabolites: Process options and
economics. Biotechnol. Adv. 20, 491–515. doi:10.1016/S0734-9750(02)00050-2
Mubarak, M., Shaija, A., Suchithra, T. V., 2015. A review on the extraction of lipid from
microalgae for biodiesel production. Algal Res. 7, 117–123.
doi:10.1016/j.algal.2014.10.008
Munir, N., Sharif, N., Shagufta, N., Saleem, F., Manzoor, F., 2013. Harvesting and
processing of microalgae biomass fractions for biodiesel production (a review). Sci
Tech Dev 32, 235–243.
Naik, S.N., Goud, V. V., Rout, P.K., Dalai, A.K., 2010. Production of first and second
generation biofuels: A comprehensive review. Renew. Sustain. Energy Rev. 14,
578–597. doi:10.1016/j.rser.2009.10.003
Nazari, M., Kurdi, M., Heerklotz, H., 2012. Classifying surfactants with respect to their
effect on lipid membrane order. Biophys. J. 102, 498–506.
doi:10.1016/j.bpj.2011.12.029
Ndikubwimana, T., Chang, J., Xiao, Z., Shao, W., Zeng, X., Ng, I.S., Lu, Y., 2016.
Flotation: A promising microalgae harvesting and dewatering technology for
biofuels production. Biotechnol. J. 315–326. doi:10.1002/biot.201500175
Nesbitt, W.E., Doyle, R.J., Taylor, K.G., 1982. Hydrophobic interactions and the
adherence of Streptococcus sanguis to hydroxylapatite . Hydrophobic Interactions
and the Adherence of Streptococcus sanguis to Hydroxylapatite 38, 637–644.
104

Niraula, B., King, T.C., Misran, M., 2004. Evaluation of rheology property of dodecyl
maltoside, sucrose dodecanoate, Brij 35p and SDS stabilized O/W emulsion: Effect
of head group structure on rheology property and emulsion stability. Colloids
Surfaces A Physicochem. Eng. Asp. 251, 59–74. doi:10.1016/j.colsurfa.2004.08.072
Okumura, J. Koyama, H. Takaku, H. S, Y., 2001. Influence of Organic Solvents on the
Growth of Marine Microalgae. Arch. Environ. Contam. Toxicol. 41, 123–128.
doi:10.1007/s002440010229
Ólafsson, S.F., 2013. Downstream process design for microalgae.
Onay, M., Sonmez, C., Oktem, H.A., Yucel, M., 2016. Evaluation of Various Extraction
Techniques for Efficient Lipid Recovery from Thermo-Resistant Microalgae,
Hindakia, Scenedesmus and Micractinium Species— …. Am. J. Anal. Chem. 7,
141–150. doi:10.4236/ajac.2016.72012
Ozkan, A., Berberoglu, H., 2013. Physico-chemical surface properties of microalgae.
Colloids Surfaces B Biointerfaces 112, 287–293. doi:10.1016/j.colsurfb.2013.08.001
Packer, M., 2009. Algal capture of carbon dioxide; biomass generation as a tool for
greenhouse gas mitigation with reference to New Zealand energy strategy and policy.
Energy Policy 37, 3428–3437. doi:10.1016/j.enpol.2008.12.025
Pan, J., Muppaneni, T., Sun, Y., Reddy, H.K., Fu, J., Lu, X., Deng, S., 2016. Microwaveassisted extraction of lipids from microalgae using an ionic liquid solvent
[BMIM][HSO4]. Fuel 178, 49–55. doi:10.1016/j.fuel.2016.03.037
Paternostre, M.T., Roux, M., Rigaud, J.L., 1988. Mechanisms of membrane protein
insertion into liposomes during reconstitution procedures involving the use of
detergents. 1. Solubilization of large unilamellar liposomes (prepared by reversephase evaporation) by triton X-100, octyl glucoside, and sodium. Biochemistry 27,
2668–2677. doi:10.1021/bi00408a006
Perry, R.H., Green, D.W., 2008. Perry’s chemical engineers’ handbook, 6th ed. McGrawHill, New York.
Prabakaran, P., Ravindran, A.D., 2011. A comparative study on effective cell disruption
methods for lipid extraction from microalgae. Lett. Appl. Microbiol. 53, 150–154.
doi:10.1111/j.1472-765X.2011.03082.x
Pragya, N., Pandey, K.K., Sahoo, P.K., 2013. A review on harvesting, oil extraction and
biofuels production technologies from microalgae. Renew. Sustain. Energy Rev. 24,
159–171. doi:10.1016/j.rser.2013.03.034
Rakesh, S., Dhar, D.W., Prasanna, R., Saxena, A.K., Saha, S., Shukla, M., Sharma, K.,
2015. Cell disruption methods for improving lipid extraction efficiency in
unicellular microalgae. Eng. Life Sci. 15, 443–447. doi:10.1002/elsc.201400222
Ramluckan, K., Moodley, K.G., Bux, F., 2014. An evaluation of the efficacy of using
selected solvents for the extraction of lipids from algal biomass by the soxhlet
105

extraction method. Fuel 116, 103–108. doi:10.1016/j.fuel.2013.07.118
Ranjith Kumar, R., Hanumantha Rao, P., Arumugam, M., 2015. Lipid Extraction
Methods from Microalgae: A Comprehensive Review. Front. Energy Res. 2, 1–9.
doi:10.3389/fenrg.2014.00061
Rawat, I., Ranjith Kumar, R., Mutanda, T., Bux, F., 2013. Biodiesel from microalgae: A
critical evaluation from laboratory to large scale production. Appl. Energy 103, 444–
467. doi:10.1016/j.apenergy.2012.10.004
Rawat, I., Ranjith Kumar, R., Mutanda, T., Bux, F., 2011. Dual role of microalgae:
Phycoremediation of domestic wastewater and biomass production for sustainable
biofuels production. Appl. Energy 88, 3411–3424.
doi:10.1016/j.apenergy.2010.11.025
Rayner, M., Marku, D., Eriksson, M., Sjoo, M., Dejmek, P., Wahlgren, M., 2014.
Biomass-based particles for the formulation of Pickering type emulsions in food and
topical applications. Colloids Surfaces A Physicochem. Eng. Asp. 458, 48–62.
doi:10.1016/j.colsurfa.2014.03.053
Ríos, S.D., Salvadó, J., Farriol, X., Torras, C., 2012. Antifouling microfiltration strategies
to harvest microalgae for biofuel. Bioresour. Technol. 119, 406–418.
doi:10.1016/j.biortech.2012.05.044
Rosenberg, M., 1984. Bacterial adherence to hydrocarbons: a useful technique for
studying cell surface hydrophobicity. FEMS Microbiol. Lett. 22, 289–295.
doi:10.1111/j.1574-6968.1984.tb00743.x
Rosenberg, M., Gutnick, D., Rosenberg, E., 1980. Adherence of bacteria to hydrocarbons:
A simple method for measuring cell-surface hydrophobicity. FEMS Microbiol. Lett.
9, 29–33. doi:10.1111/j.1574-6968.1980.tb05599.x
Rossignol, N., Vandanjon, L., Jaouen, P., Quéméneur, F., 1999. Membrane technology
for the continuous separation microalgae/culture medium: Compared performances
of cross-flow microfiltration and ultrafiltration. Aquac. Eng. 20, 191–208.
doi:10.1016/S0144-8609(99)00018-7
Sadhik Basha, J., Anand, R.B., 2014. Performance, emission and combustion
characteristics of a diesel engine using Carbon Nanotubes blended Jatropha Methyl
Ester Emulsions. Alexandria Eng. J. 53, 259–273. doi:10.1016/j.aej.2014.04.001
Sah, H., 1997. Microencapsulation techniques using ethyl acetate as a dispersed solvent:
Effects of its extraction rate on the characteristics of PLGA microspheres. J. Control.
Release 47, 233–245. doi:10.1016/S0168-3659(97)01647-7
Salim, S., Bosma, R., Vermuë, M.H., Wijffels, R.H., 2011. Harvesting of microalgae by
bio-flocculation. J. Appl. Phycol. 23, 849–855. doi:10.1007/s10811-010-9591-x
Samarasinghe, N., Fernando, S., Lacey, R., Faulkner, W.B., 2012. Algal cell rupture
using high pressure homogenization as a prelude to oil extraction. Renew. Energy 48,
106

300–308. doi:10.1016/j.renene.2012.04.039
Sander, K., Murthy, G., 2009. Enzymatic degradation of microalgal cell walls (nr
10355636). ASABE Anu. Int. Meet. 300, 12.
Savage, P.E., Duan, P., Savage, P.E., 2011. Hydrothermal Liquefaction of a Microalga
with Heterogeneous Catalysts Hydrothermal Liquefaction of a Microalga with
Heterogeneous Catalysts. Ind. Eng. Chem. Res. 52–61. doi:10.1021/ie100758s
Schütte, H., Kula, M.R., 1990. Separation processes in biotechnology. Bead mill
disruption. Bioprocess Technol. 9, 107–41.
Sharma, K.K., Garg, S., Li, Y., Malekizadeh, A., Schenk, P.M., 2013. Critical analysis of
current microalgae dewatering techniques. Biofuels 4, 397–407.
doi:10.4155/bfs.13.25
Show, K.Y., Lee, D.J., Chang, J.S., 2013. Algal biomass dehydration. Bioresour. Technol.
135, 720–729. doi:10.1016/j.biortech.2012.08.021
Show, K.Y., Lee, D.J., Tay, J.H., Lee, T.M., Chang, J.S., 2015. Microalgal drying and
cell disruption - Recent advances. Bioresour. Technol. 184, 258–266.
doi:10.1016/j.biortech.2014.10.139
Sims, R.E.H., Mabee, W., Saddler, J.N., Taylor, M., 2010. An overview of second
generation biofuel technologies. Bioresour. Technol. 101, 1570–1580.
doi:10.1016/j.biortech.2009.11.046
Slade, R., Bauen, A., 2013. Micro-algae cultivation for biofuels: Cost, energy balance,
environmental impacts and future prospects. Biomass and Bioenergy 53, 29–38.
doi:10.1016/j.biombioe.2012.12.019
Smith, R.T., Bangert, K., Wilkinson, S.J., Gilmour, D.J., 2015. Synergistic carbon
metabolism in a fast growing mixotrophic freshwater microalgal species
Micractinium inermum. Biomass and Bioenergy 82, 73–86.
doi:10.1016/j.biombioe.2015.04.023
Spilling, K., Seppälä, J., Tamminen, T., 2011. Inducing autoflocculation in the diatom
Phaeodactylum tricornutum through CO2 regulation. J. Appl. Phycol. 23, 959–966.
doi:10.1007/s10811-010-9616-5
Steriti, A., Rossi, R., Concas, A., Cao, G., 2014. A novel cell disruption technique to
enhance lipid extraction from microalgae. Bioresour. Technol. 164, 70–77.
doi:10.1016/j.biortech.2014.04.056
Suganya, T., Varman, M., Masjuki, H.H., Renganathan, S., 2016. Macroalgae and
microalgae as a potential source for commercial applications along with biofuels
production: A biorefinery approach. Renew. Sustain. Energy Rev. 55, 909–941.
doi:10.1016/j.rser.2015.11.026
Tasić, M.B., Pinto, L.F.R., Klein, B.C., Veljković, V.B., Filho, R.M., 2016. Botryococcus
107

braunii for biodiesel production. Renew. Sustain. Energy Rev. 64, 260–270.
doi:10.1016/j.rser.2016.06.009
Tenney, M.W., Echelberger, W.F., Schuessler, R.G., Pavoni, J.L., 1969. Algal
Flocculation with Synthetic Organic Polyelectrolytes. Appl. Microbiol. 18, 965–971.
Topare, N.S., Raut, S.J., Renge, V.C., Khedkar, S. V., Chavan, Y.P., Bhagat, S.L., 2011.
Extraction of oil from algae by solvent extraction and oil expeller method. Int. J.
Chem. Sci. 9, 1746–1750.
Uduman, N., Qi, Y., Danquah, M.K., Forde, G.M., Hoadley, A., 2010a. Dewatering of
microalgal cultures: A major bottleneck to algae-based fuels. J. Renew. Sustain.
Energy 2. doi:10.1063/1.3294480
Uduman, N., Qi, Y., Danquah, M.K., Hoadley, A.F.A., 2010b. Marine microalgae
flocculation and focused beam reflectance measurement. Chem. Eng. J. 162, 935–
940. doi:10.1016/j.cej.2010.06.046
Unctad, 2016. Second generation biofuel markets: satet of play, trade and developing
country perspectives 69.
Undeland, I., Härröd, M., Lingnert, H., 1998. Comparison between methods using lowtoxicity solvents for the extraction of lipids from herring (Clupea harengus). Food
Chem. 61, 355–365. doi:10.1016/S0308-8146(97)00053-8
Van Der Graaf, S., Schroën, C.G.P.H., Boom, R.M., 2005. Preparation of double
emulsions by membrane emulsification - A review. J. Memb. Sci. 251, 7–15.
doi:10.1016/j.memsci.2004.12.013
Vardon, D.R., Sharma, B.K., Scott, J., Yu, G., Wang, Z., Schideman, L., Zhang, Y.,
Strathmann, T.J., 2011. Chemical properties of biocrude oil from the hydrothermal
liquefaction of Spirulina algae, swine manure, and digested anaerobic sludge.
Bioresour. Technol. 102, 8295–8303. doi:10.1016/j.biortech.2011.06.041
Velasquez-Orta, S.B., Lee, J.G.M., Harvey, A., 2012. Alkaline in situ transesterification
of Chlorella vulgaris. Fuel 94, 544–550. doi:10.1016/j.fuel.2011.11.045
Visser, P.M., Verspagen, J.M.H., Sandrini, G., Stal, L.J., Matthijs, H.C.P., Davis, T.W.,
Paerl, H.W., Huisman, J., 2016. How rising CO2 and global warming may stimulate
harmful cyanobacterial blooms. Harmful Algae 54, 145–159.
doi:10.1016/j.hal.2015.12.006
Voutchkov, N., 2010. Considerations for selection of seawater filtration pretreatment
system. Desalination 261, 354–364. doi:10.1016/j.desal.2010.07.002
Wahlen, B.D., Willis, R.M., Seefeldt, L.C., 2011. Biodiesel production by simultaneous
extraction and conversion of total lipids from microalgae, cyanobacteria, and wild
mixed-cultures. Bioresour. Technol. 102, 2724–2730.
doi:10.1016/j.biortech.2010.11.026
108

Wan, C., Alam, M.A., Zhao, X.Q., Zhang, X.Y., Guo, S.L., Ho, S.H., Chang, J.S., Bai,
F.W., 2015. Current progress and future prospect of microalgal biomass harvest
using various flocculation technologies. Bioresour. Technol. 184, 251–257.
doi:10.1016/j.biortech.2014.11.081
Wang, T., Yang, W.L., Hong, Y., Hou, Y.L., 2016. Magnetic nanoparticles grafted with
amino-riched dendrimer as magnetic flocculant for efficient harvesting of
oleaginous microalgae. Chem. Eng. J. 297, 304–314. doi:10.1016/j.cej.2016.03.038
White, D.A., Pagarette, A., Rooks, P., Ali, S.T., 2013. The effect of sodium bicarbonate
supplementation on growth and biochemical composition of marine microalgae
cultures. J. Appl. Phycol. 25, 153–165. doi:10.1007/s10811-012-9849-6
Wiley, P.E., Brenneman, K.J., Jacobson, A.E., 2009. Improved algal harvesting using
suspended air flotation. Water Environ. Res. 81, 702–708.
doi:10.2175/106143009x407474
Wiley, P.E., Campbell, J.E., McKuin, B., 2011. Production of Biodiesel and Biogas from
Algae: A Review of Process Train Options. Water Environ. Res. 83, 326–338.
doi:10.2175/106143010X12780288628615
Wu, S., Zhang, H., Yu, X., Qiu, L., 2014. Toxicological Responses of Chlorella vulgaris
to Dichloromethane and Dichloroethane. Environ. Eng. Sci. 31.
doi:doi:10.1089/ees.2013.0038.
Xu, L., Guo, C., Wang, F., Zheng, S., Liu, C.Z., 2011. A simple and rapid harvesting
method for microalgae by in situ magnetic separation. Bioresour. Technol. 102,
10047–10051. doi:10.1016/j.biortech.2011.08.021
Xue, X., Collinge, W.O., Shrake, S.O., Bilec, M.M., Landis, A.E., 2012. Regional life
cycle assessment of soybean derived biodiesel for transportation fleets. Energy
Policy 48, 295–303. doi:10.1016/j.enpol.2012.05.025
Yan, L., Liu, Z., Chen, G., Kutzbach, J.E., Liu, X., 2016. Mechanisms of elevationdependent warming over the Tibetan plateau in quadrupled CO2 experiments. Clim.
Change 135, 509–519. doi:10.1007/s10584-016-1599-z
Yap, B.H.J., Crawford, S.A., Dumsday, G.J., Scales, P.J., Martin, G.J.O., 2014. A
mechanistic study of algal cell disruption and its effect on lipid recovery by solvent
extraction. Algal Res. 5, 112–120. doi:10.1016/j.algal.2014.07.001
Yap, R.K.L., Whittaker, M., Diao, M., Stuetz, R.M., Jefferson, B., Bulmus, V., Peirson,
W.L., Nguyen, A.V., Henderson, R.K., 2014. Hydrophobically-associating cationic
polymers as micro-bubble surface modifiers in dissolved air flotation for
cyanobacteria cell separation. Water Res. 61, 253–262.
doi:10.1016/j.watres.2014.05.032
Zhang, Q., Liu, S., Yang, C., Chen, F., Lu, S., 2014. Bioreactor consisting of pressurized
aeration and dissolved air flotation for domestic wastewater treatment. Sep. Purif.
109

Technol. 138, 186–190. doi:10.1016/j.seppur.2014.10.024
Zhang, X., Hewson, J.C., Amendola, P., Reynoso, M., Sommerfeld, M., Chen, Y., Hu, Q.,
2014. Critical evaluation and modeling of algal harvesting using dissolved air
flotation. Biotechnol. Bioeng. 111, 2477–2485. doi:10.1002/bit.25300
Zita, A., 1997. Determination of bacterial cell surface hydrophobicity of single cells in
cultures and in wastewater in situ. FEMS Microbiol. Lett. 152, 299–306.
doi:10.1016/S0378-1097(97)00214-0

110

